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Abstract

Design of Supramolecular Complexes
for Stability Enhancement of
Membrane Protein-Based Biomaterials

by

Manoj K. Sharma

Advisor: Prof. M. Lane Gilchrist

Membrane proteins are some of the most sophisticated molecules found in na-
ture. Due to their extraordinary molecular recognition capabilities they represent
a vast source of functional building blocks for potential use in sensing and drug
screening applications. However, the strict requirement of the native lipid envi-
ronment to preserve their structure and functionality presents an impediment in
building biologically-based materials from these molecules. In general, the purifi-
cation protocols remove the stabilizing native lipid structures found in the cellular
environment. Our research is focused on a biomimetic approach to reintroduce
the supporting structures of membrane proteins. The goal is to fabricate robust
assemblies for membrane proteins that can withstand analyte flows and process-
ing conditions (e.g., temperature, high ionic strength, organic solvents etc.) while
retaining their functionality.

Reconstitution of membrane proteins into the bilayer of lipid vesicles is a stan-

dard approach to recreate their microenvironment after isolation from a native cel-



lular source. However, the inherent delicate nature of the lipid membrane limits
the applicability of the liposomes. In the current study we have designed lipid
bilayers internally anchored to a solid microparticle interface through integral teth-
ering molecules. In earlier designs of tether-supported membranes, primarily single
lipid moieties at the end of the tethers have been used to anchor the membranes
to solid supports. We utilized bacteriorhodopsin (bR), a transmembrane protein,
as a tethering molecule as it is expected to impart more stability to the tethered
bilayer compared to a lipid tether. We conjugated bR with biotin-PEGg,p through
amine-based coupling to use it as a tether. The conjugate was further labeled with
Texas Red to facilitate localization via fluorescence imaging. The conjugates were
characterized using SDS-PAGE and MALDI-MS.

A bottom-up, silane-based method was used to functionalize the surface of sil-
ica microspheres (5-pum) with streptavidin in order to provide bR-PEGs40o-biotin
tether anchoring sites for the supported membrane. Tether-supported lipid-bilayer
membranes with native-like fluidity were assembled successfully on the functional-
ized silica microspheres, verified using confocal microscopy. This method is a new
platform for the immobilization of active membrane proteins in native lipids, and
a gateway to new materials and diagnostics based on membrane protein molecular

recognition.
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Preface

This thesis describes an experimental study on the fabrication of solid-supported
lipid bilayer membranes on silica microparticles. We have used bacteriorhodopsin
(bR) based conjugates to anchor the lipid bilayer to the supporting silica particles.
This work can be divided into three major parts: synthesis and characterization of
bR conjugates, modification of silica surface to make it suitable for use as a support-
ing surface, and fabrication of lipid bilayers on silica surface using bR conjugates as
integrated anchors.

In chapter 1, we have provided the basic motivation for our work. We have
discussed the various issues related to the use of membrane proteins for a range
of potential applications. These include the stability related questions, which are
directly linked to the functionality of these molecules. Our strategy to stabilize these
assemblies based on the biomimetic approach of the cytoskeleton structure of the
cell has been described. The overall objectives of the project have been discussed.
Background information on the lipids and the lipid bilayer assemblies has been
provided. Also, the basic information on fluorescence and confocal microscopy has
been discussed. Fluorescence recovery after photobleaching (FRAP) technique has
also been introduced.

Chapter 2 describes the construction of biotin-PEGgs400-bR conjugates. We have
used amine-based coupling to conjugate biotin-PEG3400 to bR. The conjugates were
further labeled with Texas Red to facilitate their localization via fluorescence imag-
ing. The protocols to characterize these conjugates using sodium dodecyl sulfate
polyacrylamide gel electrophoresis (SDS-PAGE) and Matrix-Assisted Laser Desorp-
tion Tonization Mass Spectrometry (MALDI-MS) have been described. The experi-

mental analysis to identify the Lys conjugation site in bR using the trypsin digestion
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method followed by MALDI-MS analysis has been explained.

Chapter 3 deals with the details of the surface modification of silica microspheres.
We have discussed the requirement to modify the silica bead surface. A brief litera-
ture review for silica surface modification using the silanization technique has been
provided. Various experimental steps resulting in the immobilization of streptavidin
on the bead surface have been described. Analysis of the modified beads at vari-
ous steps using confocal microscopy has been discussed. Also, the discussion of the
tests for non-specific adsorption of the lipids on the modified bead surface has been
included.

Fabrication of the biotin-PEGs400-bR tether supported lipid bilayer assemblies
on streptavidin modified silica bead surface has been described in chapter 4. Various
trials and tribulations of the method have been discussed. Characterization of the
lipid assemblies on the bead surface using confocal microscopy has been described.
Lateral fluidity of the fluorescently tagged lipids was analyzed using FRAP technique
and was compared with the case of untethered lipid bilayer on plain silica bead
surface.

Finally, chapter 5 gives an overview of the results achieved in the current thesis
and relates them to the overall objectives of the project. This motivates the future
work that needs to be done. Preliminary data obtained for the incorporation of the

photosynthetic reaction center into these lipid assemblies has also been discussed.
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Introduction



1.1 Motivation

Biological systems are the most elaborate and intricate systems. These systems
can perform the most complicated tasks accurately down to the molecular level.
Cells, even as they are the basic building blocks of living organisms, can serve as an
example of an extremely sophisticated biological system. A cell envelops an array of
complex components performing highly specialized tasks essential for life. There has
been an ever-increasing drive to learn from biological systems and utilize the highly
elaborative biomolecules for designing novel materials. Membrane proteins, in this
regard present a rich source of biomolecules, which have not yet been explored to a
great extent.

Membrane proteins are one of the highly sophisticated molecules designed by
nature. These molecules have extraordinary recognition properties; hence they rep-
resent a vast source of specialized materials with potential uses in sensing and screen-
ing applications. However, the strict requirement of the native lipid environment
presents an impediment in building biomaterials from these molecules.

In general the purification of membrane proteins from the cellular source utilizes
some sort of detergent and the purified membrane protein is present in detergent-
solubilized, mixed micellar form. In this form, many integral membrane proteins
are unstable and some are inactive or not folded into the active conformation. The
viability of membrane proteins can be recovered in certain cases when these are
reconstituted into lipid bilayers, provided that the lipid composition is similar to
the native environment. Lipid bilayers are self-assembled colloidal structures com-
posed of lipid molecules. Lipid monomer’s structure consists of a polar head group
and a hydrophobic part consisting of two fatty acid chains. In water these bilay-
ers form higher order assembled structures, giving rise to spherical vesicles called

liposomes (Figure 1.1). A liposome with a membrane protein incorporated into its



bilayer is called a proteoliposome (Figure 1.2A). On a supporting surface membrane
proteins can be reconstituted in a two-dimensional array of lipid molecules called
the supported membrane (Figure 1.2B). In both the cases, the membrane protein
is embedded in the lipid bilayer, which provides it with the native membrane-like
environment, retaining its structural and functional features. Protein stability in
both cases is directly related to the stability of the lipid bilayer.

Interfacing of biological molecules with surfaces of interest to build biomateri-
als is becoming an attractive area to researchers worldwide. In this context, these
membrane protein based biomaterials have potential applications in various areas,
viz. a viz. biosensors, biocatalysts, receptor-targeted drug delivery systems and
novel biomaterials for tissue engineering. The major issue regarding the develop-
ment of membrane protein-based materials is the inherent instability of the lipid
bilayer membranes hosting the proteins. Various conditions encountered in poten-
tial applications can destabilize the bilayer assemblies. These include shear stress,
osmotic shocks, dissolution by surfactants or organic solvents, and disruption by
divalent cations such as calcium.

Our aim is to redesign these supramolecular complexes to enhance their stability.
This is to be accomplished by designing spherically-supported membranes such that
the bilayer carrying the membrane protein is supported internally by a solid interface
(of a microparticle or a nanoparticle). The motivation for our approach comes from
the cytoskeleton structure of the cell. This natural supramolecular structure consists
of arrays of protein filaments forming an internal network, providing the cell with
the shape, strength, and locomotive abilities. In our strategy, lipid bilayer will
be anchored to the solid surface through polymer tethers. We chose to fabricate
supported bilayer on spherical geometry instead of a flat interface, as there are
certain advantages to this approach. It allows much more surface area to work with

compared with flat geometry. Second, in spherical geometry there is a possibility



of achieving the compartmentalization of an aqueous space between the bilayer and
the supporting surface. This is a very crucial aspect as it can allow us to encapsulate
a number of molecules in the enveloped volume. These molecules could vary from
simple tracer molecules to the highly complicated signaling proteins essential in
the downstream signaling pathway of the transmembrane receptor proteins, e.g., G.

Protein Coupled Receptors (GPCR).

1.2 Research Outline

The overall objectives of current research in the light of above discussion are the
following. We needed to identify suitable microparticles with desired properties.
These properties include, surface smoothness, amenability for surface modification,
ease of handling, solution stability, minimal background UV /Vis or fluorescence
properties etc. We also needed to identify a suitable molecule to be used as a
tether. Desired properties of the tether are, suitable terminal functionality to be
used to link it to the surface, a long chain spacer, which will keep the bilayer at a
distance from the surface, and a molecule at the far end, which will interact and
integrate itself with the bilayer. Figure 1.3 shows a schematic representation of such
a tethering molecule. This required synthesis of the tethering molecule of desired
properties by bioconjugation techniques as will be discussed in details in further
chapters. Silica microspheres were chosen to internally support the bilayers. Silica
surface is highly hydrophilic and is expected to be resistant to variety of hydrophobic
molecules ranging from fluorescent tracers to membrane proteins that we needed to
utilize in the project. In order to modify the silica surface, silane chemistry was
utilized. This was done to functionalize the surface for attaching the tether. Once
this was accomplished we had to figure out the best way to fabricate supported

bilayers around the tether-linked particles.



1.3 Why Study Supported Membranes

It is imperative to mention why supported lipid membranes have become a subject
of great interest. There are a few important properties/characteristics of these
assemblies, which make them highly desirable for the development of biomaterials

based on membrane proteins. These are as follows:

e Supported membranes present stable, native-like microenvironments for mem-
brane proteins. In vivo membrane proteins are found in cellular membrane
which is a hydrophobic and a fluidic environment necessary for maintaining
the structure and preserve the functionality of these biomolecules. Supported

membranes can recreate this native like environment.

e Supported lipid membranes can preserve the lateral diffusivity of membrane
protein. Some membrane proteins form multimeric complexes in their func-
tionally active form (e.g., Epidermal Growth Factor Receptors). This requires
the lateral movement that enables interactions with other molecules. If the
lateral diffusivity is absent, this type of membrane protein will be function-
ally inactive. Supported lipid membranes can preserve the mobility of the

reconstituted protein, hence retaining its activity.

e In certain cases, the membrane proteins act as the transducers (e.g. G-protein
coupled receptors, GPCRs) of the information from extracellular side to the
cytoplasmic side. This is an allosteric process, where the binding of the stimuli
(a hormone, peptide, or a ligand) to extracellular part of the protein leads to
rearrangement of the protein structure resulting in the activation of G-proteins
bound it on the intracellular side. From this point of view, interactions of the
lateral surface of the membrane protein with neighboring lipid molecules of

the bilayer can play a crucial role. [1, 2, 3, 4]



1.4 Potential applications

There are a number of potential applications of supported lipid membranes. One
that is directly relevant to the current study is the design of flow based sensing de-
vices (Figure 1.4). Such a device consists of arrays of microparticles on a functional-
ized surface. Individual particle could have supramolecular assemblies of membrane
proteins in tether supported lipid bilayer. Such a system could have an applicability
as a sensing and or screening device for molecules of interest in the flow, e.g. biohaz-
ardous chemicals, potential drug molecules etc. The tether-supported membranes
described here could be used as a robust counterpart of supported membranes pre-
viously designed by a number of researchers. In addition, supported membranes
can be used to biofunctionalize a given surface for making novel biomaterials. Sup-
ported membranes are a model for biological membranes; so we can use them to
study various processes occurring at cell surface, e.g. receptor-ligand interactions,
cell adhesion etc. Moreover, as lipid bilayers provide the membrane proteins with a
stable, native-like microenvironment, these can be used to design new biocatalysts

based on membrane protein enzymes.

1.5 Background

1.5.1 Lipids, lipid bilayers and liposomes

Lipid molecules are the major constituents of biological membranes. The most
abundant membrane lipids are the glycerophospholipids. The structure of glyc-
erophospholipids (also called phosphoglycerides) can be divided into two parts, a
polar head group and two hydrocarbon chains, which are hydrophobic. This pro-
vides these molecules with an amphipathic nature. The tails are usually fatty acids
containing 16 to 18 carbon atoms (with some exceptions). In the case of two end

chains, one of the tails is generally saturated while the other one is unsaturated



with a double bond in the middle of the chain. Presence of unsaturation in the
hydrocarbon tail affects the packing efficiency of the lipids and hence the phase
transition temperature (T,) of the assembled lipid bilayers. Amphipathic nature of
the lipid molecules causes them to self-assemble in aqueous environments in such
a way that the hydrophobic tails are hidden from water. Due to their cylindrical
shape, lipid monomers self assemble in a bilayer structure with the hydrophobic
tails sandwiched between the polar head groups, which interact favorably with wa-
ter molecules. However, even this bilayered structure leaves the lipid tails exposed
to water at the edges of the leaflet. This leads to spontaneous closure of phospho-
lipids bilayer to form sealed compartments (Figure 1.1). These structures are called
lipid vesicles or liposomes.

It has been well established that lipid bilayer membranes are fluidic in nature
where the individual lipid molecules are constantly in motion. The degree of fluidity
depends on the lipid composition and the temperature. At temperatures below the
phase transition temperature of the bilayer exists in the ordered gel phase where the
lipid molecules are closely packed against each other in a perfect crystalline structure
and show minimal mobility. Above the phase transition temperature, bilayer exists
as the liquid crystalline phase where the lipid molecules are randomly packed in the
bilayer and are constantly diffusing around. Phase transition temperature depends
on a number of factors including the chain length, presence of unsaturation in the
hydrophobic tails, head group species etc. It increases with the chain length as
interaction energy of the hydrocarbon tails increases with the chain length. Presence
of a double bond produces a kink in the hydrophobic tail and interferes with efficient
packing of the hydrophobic tails, thus reducing the transition temperature. Diffusion
coefficient (D) of the lipid molecule for lateral movement is of the order of 1078
cm?/sec, which means that an individual lipid molecule can travel a distance of 2

pm in 1 second.



Lipid vesicles or liposomes are colloidal particles with the capability of encap-
sulating an aqueous space. They consist of one or more concentric lipid bilay-
ers that self assemble due to their amphipathic nature. Bangham and Horne [5]
were the first people to see phospholipid dispersions in water using electron mi-
croscopy technique and established that they self assemble to form ‘bag-like’ struc-
tures. These self-assembling vesicles were named liposomes. Since then the field of
liposomes has become a major area of research and significant progress has been
made [5, 6, 7, 8, 9, 10, 11].

Liposomes have been the focus of attention for researchers worldwide because
they present a working model for biological cell membranes. They provide membrane
proteins with native-like environment and so they can retain their activity. In this
manner liposomes can be utilized to study and understand the signaling processes
and the communication of the cell with its exterior. Moreover the encapsulated
aqueous space and biocompatibility makes them good candidates for encapsulating
drugs for specific targeting applications. Sato et al. [12] and Gregoriadis et al. [6]

have recently reviewed biotechnological and medical relevance of liposomes.

1.5.2 Classification of liposomes

There are three categories in which liposomes have been divided based on size as
follows: multilamellar vesicles (MLV, size 10,000 nm), large unilamellar vesicles
(LUV, size 50-10,000 nm) and small unilamellar vesicles (SUV, size 20-50 nm).
In addition there are a number of terms given to liposomes produced by differ-
ent techniques. Unilamellar liposomes obtained from aqueous-organic emulsion by
evaporation of organic phase are called reverse phase evaporation vesicles (REV,
size 150-450 nm)[13]. Unilamellar vesicles produced by extrusion of large vesicles
are called vesicles by the extrusion techniques (VETSs) [14, 15].

Others classification of liposomes are based on the type of lipids forming the



liposome vesicles. They could be formed by lipids, which are stabilized natural
lecithin (Phosphatidylcholine, PC) mixtures, synthetic identical-chain phospholipids
or glycolipid containing liposomes. All membrane lipids are amphipathic in nature;
which is the main factor governing their self-assembly into vesicular structures.
These lipids can be further categorized based on their structures: lipids containing
fatty acid chains (glycerolipids, phospholipids and sphingolipids) and lipids which
do not contain fatty acids e.g. cholesterol.

The latter type cannot form bilayers by itself but serves to facilitate the close
packing of lipids forming bilayer [16]. The head group of the lipids forming the
bilayer could be non-ionic or zwitterionic (phosphatidyl -choline, -ethanolamine etc.)
presenting no net charge on the surface, or, ionic (phosphatidylserine, phosphatidic
acid), depending on the pH of the medium. The presence of a net charge on the
surface of liposome leads to electrostatic repulsion between the vesicles and reduces
the aggregation and thus enhances the stability. A small percentage of ionic lipids

(5—10%) is sufficient to reduce the aggregation phenomena [17].

1.5.3 Methods of preparation of liposomes

Classical methods of liposome preparation have been reviewed in detail by Szoka
and Papahadjopoulos [10]. In general, liposomes or lipid vesicles are formed upon
hydration of lyophilized lipid films. It is very important to dissolve the lipid con-
stituents using some organic solvent in order to get a homogeneous film upon solvent
evaporation. Generally chloroform or chloroform:ethanol mixture is used to dissolve
lipids at 10—20 mg/ml or higher if possible. After complete solubilization of the
lipids the organic solvent is evaporated completely using a vacuum pump. The lipid
film thus obtained is stored at —20°C under argon until it is required for hydration.
Storage at low temperature under oxygen and moisture free environment minimizes

the degradation of the lipid molecules by oxidation or hydrolysis mechanisms. Hy-
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dration of lipid film followed by agitation leads to formation of large multilamellar
vesicles (MLV). The main concern at this point is that the hydration temperature
should be above the phase transition temperature, T, of the lipid mixture. Bilayer
thus formed above T, is in liquid crystalline phase, while below T it changes into a
gel phase. Another implication of this is that the hydration buffer must have boiling
point above T,. Hydration buffers differ according to the application but in general
de-ionized water buffered in the biological pH range is used. Care should be taken
that it is free of divalent cations e.g. Ca®", which lead to aggregation and fusion of
liposomes [18] and lateral phase separation of lipids [19]. This is taken care of by
adding small amounts (usually 1 mM) of the chelating agent EDTA.

Multilamellar vesicles obtained by above procedure can be reduced in size to
obtain the desired sized vesicles by input of mechanical energy. Sonication of the
suspension above T, gives rise to small unilamellar vesicles (SUVs) in the range
of 20 nm—50 nm depending on the lipid composition and time of sonication ([10]
and references therein). It should be noted that due to high degree of curvature,
the SUVs are inherently unstable and thus gradually fuse together to give larger
vesicles when stored for longer times (Avanti Polar Lipids). Extrusion of MLVs,
originally introduced by Olsen et al. [20] and Mayer et al. [21] is another technique
to get SUVs of a defined size range. The multilamellar vesicle suspension is forced
multiple times through a polycarbonate membrane of known pore size and this leads
to formation of unilamellar vesicles with a size distribution monodispersed near the
pore size of the polycarbonate membrane used [15]. It is important to keep the
entire system above Ty, which in the case of high melting lipids is usually achieved
by mounting the whole extrusion assembly on a heating plate.

Among other methods is the use of detergent containing buffers to hydrate the
lipid films. Subsequent removal of the detergent leads to lipid assembly and results

in vesicle formation. Ollivon et al [8] have recently reviewed this technique. Hy-
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dration of the lipid films with detergent containing buffer leads to the formation of
lipid-detergent mixed micelles. A lipid-detergent mixed micelle consists of a lipid
monomer surrounded by the detergent molecules. Upon removal of the detergent
by a suitable technique these micelles transform to give unilamellar lipid vesicles.
A number of techniques can be utilized to remove detergent, e.g. dialysis, gel chro-
matography, bio-beads, successive dilution, enzymatic reactions, temperature and
pressure jumps etc. The useful feature that allows removal of detergent molecules
selectively from detergent-lipid mixed micelles is that the detergent molecules have
much larger solubility in the aqueous phase compared to lipid molecules of about
similar size and similar amphipathic properties ([8] and references therein).

The technique based on use of detergents is the most efficient technique for the
preparation of protein reconstituted liposomes or proteoliposomes. Proteoliposomes
as defined earlier are lipid vesicles containing membrane proteins inserted in the lipid
bilayer. The effectiveness of this technique can be attributed to the fact that proteins
need to be purified from the natural membranes before they can be reconstituted
into the artificial lipid bilayer, which is easily achieved by solubilizing them using a
suitable detergent. The protein solubilized in a suitable detergent can then be added
into the lipid-detergent mixed system such that the lipid to protein ratio is roughly
80-150 (w/w) or 3000-5000 mol/mol [8, 22, 23, 24]. This ratio is required in order
to have the protein in very dilute amount compared to the lipids so that it does
not interfere with the detergent-lipid mixed-micelle to lipid vesicle transformation
upon removal of the detergent [25]. Moreover, because the relative proportion of the
protein is very small there is flexibility to utilize a different detergent to solubilize a
given protein and it does not interfere with the interaction of other detergent with

the lipids.
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1.5.4 Liposome stability issues

Liposomes are nanoparticles containing a lipid bilayer shell encapsulating an aqueous
space. Many of the bilayer forming lipids have their phase transition temperatures
below room temperature, hence the lipid bilayer normally exists in liquid crystalline
form at room temperature. Hence the liposomes are not very stable systems and
are prone to all kinds of destabilization mechanisms, e.g. coagulation, shear stress,
dissolution by surfactants/organic solvents, disruption by divalent cations e.g. Ca®"
or sucrose solution, etc. Difference in the ionic concentration between encapsulated
phase and bulk media leads to osmotic pressure differences causing the vesicles to
become unstable. These issues have been discussed earlier by Lasic et al. [7] and
Ringsdorf et al. [26]. A number of solutions have been proposed to tackle these
issues. Polymerization of lipid chains inserted in the bilayer [27] can give robust
vesicles but that destroys the lateral mobility of the lipids — a crucial dynamic
property of the biological membranes for their proper functioning [28]. Another so-
lution is to formulate vesicles using synthetic block copolymers laterally cross linked
to each other to form tight bilayer like network [29]. However, these systems have
eliminated lipids altogether; which could make these vesicles less biocompatible.
Moreover these systems can no longer provide natural membrane like environment
for membrane spanning proteins from cellular sources. Hence it is necessary to
enhance the stability of the vesicles based on lipids, i.e. liposomes. Sterical sta-
bilization of liposomes based on hydrophilic polymer Polyethylene Glycol (PEG)
on the surface has been widely used. Long polymer chains on the surface of lipo-
somes present a steric barrier to any foreign objects and also avoid aggregation of
liposomes. PEG is a biocompatible polymer and hence PEGylated liposomes are
suitable for in vivo applications. Different groups have reviewed stabilizing lipo-

somes using PEG [11, 30]. There are different ways to chemically link PEG to the



13

surface of the liposomes [11]. PEG linked to Phosphatidylethanolamine (PE) can
be added to the lipid formulation. Upon self-assembly PE gets inserted into the
bilayer along with other lipids and the PEG portion is displayed on the surface of
liposomes. It has been established that optimum steric stabilization in vivo can be
achieved with 5-10 mol % of PEG-PE with PEG of molecular mass ranging from
1000—2000 [30].

1.6 Techniques

1.6.1 Fluorescence and confocal microscopy

Fluorescence is the phenomenon of emission of electromagnetic radiations of visi-
ble light by certain molecules when they are excited by the absorption of incident
radiation of suitable wavelength. Fluorescence is originated by the electronic transi-
tions in a molecule due to its interaction with the excitation radiation. The emitted
light is generally of higher wavelength compared to the absorbed light. Due to a
large number of molecules in the sample and the degeneracy of the electronic energy
states, a fluorescent molecule has a characteristic excitation and emission spectrum
instead of unique spectral lines. These spectra depict the probability distribution
for the wavelength dependent excitation, or emission of light, by the molecule. Fig-
ure 1.5 shows a crude representation of the phenomena of fluorescence and Figure
1.6 shows representative excitation and emission spectra for a fluorescent molecule
Texas Red-X. The first step in the fluorescence is the absorption of incident radi-
ation, which takes the molecule to an excited electronic energy state; a transition
governed by the overlap between the probability distribution functions of the ground
and excited state vibrational levels. This is an instantaneous process (107! sec) and
involves no movement of the nuclei as dictated by Franck-Condon Principle. In the
second stage, the molecule relaxes down to lowermost vibrational energy level of

the first excited electronic energy state (S;); a phenomenon which is called Internal
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Conversion and takes about an order of picoseconds (10712 sec). Finally, the loss
of electronic energy stored in the molecule can occur in a number of ways (radia-
tive and nonradiative) which take the molecule to ground electronic energy state.
Fluorescence is one such radiative process, which occurs when the molecule directly
relaxes down to the ground electronic energy state. Lifetimes associated with the
fluorescence phenomenon are order of nanoseconds (1072 sec). Other radiative pro-
cess (Phosphorescence) which leads to delayed emission of light is through crossing
of the molecule to the triplet state and subsequent relaxation to ground electronic
state.

Molecules, which are capable of undergoing the electronic transitions resulting in
fluorescence, are termed as fluorescent probes or dyes. Each fluorescent probe has a
characteristic excitation and emission spectrum, which is affect by a number of pa-
rameters including solvent composition, pH, solvent polarity etc. A fluorescent dye
can be tagged to a larger macromolecule (e.g., a protein, lipid or nucleic acid) in or-
der to trace these molecules in a structural assembly such a macromolecule is called a
fluorophore [Olympus microscopy resources http://www.olympusmicro.com/]. Flu-
orophores can be divided into two categories, intrinsic and extrinsic. Intrinsic
fluorophores occur naturally. Examples include aromatic amino acids (Tyr, Trp,
Phe), porphyrins, and green-fluorescent proteins. Extrinsic fluorophores are syn-
thetic molecules tagged on to a macromolecule to impart it with specific spectral
properties.

Main usage of a fluorescent molecule can be as a reporter or tracer group in a
structural assembly. Present project entails building molecular self-assembled struc-
tures around microspheres and hence fluorescence microscopy fits in as the ideal
technique of analysis. Various fluorescent molecules can be used at different stages
to verify the structural assembly. Use of a fluorescent marker, which can stain the

modified silica surface at various stages of surface modification, can facilitate the
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analysis of surface homogeneity of the added functionality. Fluorescent tagging of
the tethering molecule can assist in establishing if the tether is successfully immo-
bilized on the bead surface. It can also assist in studying the distribution of the
tether on the surface. Finally, as our aim is to build supported lipid bilayer; use of
fluorescently tagged lipid molecules can aid in visualizing the lipid bilayer assembly
on modified silica particles.

Besides localization studies of a single fluorophore, we have advanced capabilities
to get further insight into the fabricated assemblies. These include, colocalization
studies, fluorescence resonance energy transfer (FRET) and fluorescence recovery
after photobleaching (FRAP). In our assemblies, we have the option of using one
fluorophore for tethering molecule and another fluorophore for the lipid. Selection
of more than one fluorophores requires a careful analysis of the excitation-emission
properties. If the aim is to detect them individually and avoid any cross talk, one
needs to make sure that there is minimal overlap between the respective excitation
(and emission) characteristics of the two probes. Moreover, in order to minimize
any possibility of energy exchange, the emission spectrum of the low wavelength
emitting fluorophore should be sufficiently far from the excitation spectrum of high
wavelength emitting probe. Analysis of the fluorophores in the final structure, cho-
sen according to the above-mentioned criteria, will reveal information about colo-
calization of the tether with lipid bilayer. A much more accurate way to analyze
this would be to use fluorescence recovery after photobleaching (FRET). FRET is
defined as the transfer of excited-state energy from one molecule (Donor) to another
(Acceptor) through dipole-dipole interactions between the two molecules. The rate
of energy transfer depends on a number of parameters — spectral overlap of the
emission spectrum of the donor with the absorption spectrum of the acceptor, the
quantum yield of the donor, relative orientation of the two donor and acceptor

dipoles, and the physical distance between the two molecules. A very strong de-
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pendence on the intermolecular distance (r~%) makes this technique highly suitable
for the analysis of proximity of different reporter molecules down to the accuracy
of few nanometers. Another important criterion that can be used to establish the
structure of a supported lipid bilayer is the essential fluidity of the bilayer. This can
be analyzed by a technique call fluorescence recovery after photobleaching (FRAP).

This technique will be discussed in details in later section.

1.6.2 Confocal Microscopy

Fluorescence based techniques have gained numerous importance in the field of opti-
cal imaging. These techniques find applications in different disciplines, which include
biological systems, medical sciences, engineering applications and physics commu-
nity. Laser scanning confocal microscopy is the latest revolutionary advancement in
the field of fluorescence based microscopy technique. This technique enables control
over the depth of field for imaging thick specimens and an ability to reject out of fo-
cus light to get sharply defined images. A number of slices can be taken for a thick
sample and can be combined to render a three-dimensional reconstruction of the
sample. Key features of a laser scanning confocal microscope are the use of point-
by-point scanning of the sample with an attenuated laser bead and the rejection of

out of focus light through spatial filtering of the emitted light beam.
Basics of a confocal microscope

Main hardware parts of a confocal laser scanning microscope (CLSM) are: illumi-
nation laser sources, a scan head with necessary optics and electronics including the
photomultiplier tube detectors, a microscope, and a computer interface. Schematic
representation of the beam path for a confocal microscope has been shown in Figure
1.7. Incident light beam from the laser source is first attenuated through a narrow

aperture called the source pinhole, which reduces the beam size to few microns.
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The beam is subsequently reflected through a dichromatic mirror, passes through
the objective and illuminates a point on the focal plane on the sample. Part of
fluorescence generated from this illuminated spot which travels backward through
the objective can pass through the dichroic mirror and is subsequently focused onto
the detector pinhole.

It is the combination of source and detector pinholes which makes laser confo-
cal scanning much more prominent compared to traditional widefield fluorescence
microscopy. In a widefield microscope incident light from a mercury or xenon light
source is focused down to the sample using an objective, thus illuminating a large
spot on the sample. This leads to fluorescence generation from the entire depth of
the illuminated spot and results in poor resolution along the depth of the sample. In
laser scanning confocal, the source pinhole attenuates the incident beam size down
to a few microns, which subsequently gets focused down to a small spot on the
sample (=~ 1 pm diameter). The sample is then scanned point-by-point with a fine
illuminated spot on the sample plane and fluorescence signal is accumulated on the
PMT detector through the detector pinhole. 3-D intensity variation of a focused
laser beam in CLSM, called the point-spread function (PSF) is assumed to be radi-
ally and axially Gaussian [31]. This implies that there will be minimal excitation of
the sample above and below the focal plane. Furthermore, any fluorescence signal
generated from Out-of-Focus excitation gets further attenuated at the detector pin-
hole. Hence the combination of source and detector pinhole improves the vertical
resolution significantly. In traditional widefield epi-fluorescence microscopy the flu-
orescence from the illuminated region can be viewed directly through the eyepiece
or recorded onto a detector. In the case of confocal laser scanning microscope, flu-
orescence image is generated through point-by-point scanning of a defined region
of the sample. The scan head controls the movement of the illuminated fine spot

through galvanometer-based raster scanning mirror system.
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Major advantages of laser confocal scanning system are as follows: first major
advantage is the improvement in the vertical resolution and contrast as discussed
above. In addition, one can image multiple focal planes of a thick sample and
reconstruct a three-dimensional image from it. Also, scanning confocal microscopes
have the ability to excite and detect multiple fluorescent probes simultaneously. This
opens the opportunity for studying the structures based on distribution of specific
labeling of a complex structure. This also gives the ability to study structures based
on co-localization of the fluorescent probes of interest. Another major advantage
of the confocal systems is the inherent improvement in the speed of the image
acquisition. This leads to the possibility of dynamic studies on the structures of
interest. One such technique that is relevant to current study is FRAP and is

discussed in details below.
Fluorescence recovery after photobleaching

Fluorescence recovery after photobleaching (FRAP) is a method for characterization
of the molecular mobility of fluorescent molecules in a sample. This technique was
originally developed by Axelrod et al. [32, 33] for quantifying two dimensional
diffusion characteristics of cell membrane bound florescent probes. This technique
works on the basis of two physical phenomena: (i) photobleaching, and (ii) diffusion
of fluorescent probes. Photobleaching is the permanent loss of the fluorescence
properties of a probe due to light induced irreversible changes in the molecule. In
the relatively long-lived excited triplet state, the fluorescent molecule can interact
with other molecules to result into a non-fluorescent entity. The photobleaching rate
of a population of fluorescent molecules is linearly dependent on the illuminating
laser intensity for one-photon excitation [34, 35, 36]. In every excitation-emission
cycle a fraction of the population is rendered inactive, and the average number of

cycles that a molecule is fluorescent depends on the molecular structure and local
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microenvironment. In a typical FRAP experiment a selected region of a fluorescent
sample (= 1 um) is subjected to an intense laser beam, which leads to photobleaching
of the molecules in that region. If the molecules in the sample are in mobile form,
fluorescent molecules from other regions gradually replenish the bleached molecules
in the selected region. This would lead to a gradual buildup of the fluorescence
signal in the photobleached region. Analysis of the average florescence intensity of
the selected region before and after the bleach event can provide the details about
the mobility characteristics, e.g. diffusion coefficient, mobile fraction etc.

Confocal laser scanning microscopes (CLSM) have made the FRAP experiments
highly convenient to perform. Major advantages offered by CLSM based system are
the following: (i) ability to rapidly switch laser power (micro to milliseconds) using
acousto-optical tuneable filter (AOTF) between bleach and acquisition sequence; (ii)
high speed acquisition for fast diffusing components; (iii) ability to bleach a wide
variety of geometries and ability to individually monitor the fluorescence changes
in different regions of interest (ROIs). Detailed discussion of various aspects of
mobility measurements using confocal laser scanning microscope can be found in
literature. (See [31, 37, 38] and references therein).

In general there are three stages in a FRAP experiment as shown schematically
in Figure 1.8. In step 1 called the prebleach series the sample is imaged at a low
intensity illumination. This provides a reference level for fluorescence recovery and
also indicates any fluorescence loss during acquisition. Second step is the bleach
event where one or more region(s) of interest is/are subjected to high laser illumi-
nation. In general the bleach event should be instantaneous in order to minimize
any recovery during the bleach event itself. The last step of a FRAP experiment
is the acquisition of a series of images after the bleach event at attenuated laser
illumination. Analysis of the fluorescence intensity recovery of the bleached areas

can give the parameters related to mobility of the fluorescent molecules of interest.
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Figure 1.1: Schematic representation of a lipid vesicle or liposome showing the
encapsulated contents separated from outside by a membrane barrier.
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Figure 1.2: Reconstitution of a membrane protein in native, functionally active
form in lipid bilayer assemblies, (A) In aqueous phase these assemblies are called
proteoliposomes, (B) On a solid interface they are termed as supported membranes.
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Figure 1.3: Schematic representation of a molecule suitable for use as a membrane
tether. Membrane-spanning part interacts with lipid molecules through hydrophobic
interactions and the terminal functional molecule can be attached to a suitable
supporting surface.

Figure 1.4: Schematic representation of a flow-cell based biosensor device. Surface
can be modified with a suitable functionality such that it can be used to immobilize
microparticles in a specific array. Membrane protein of interest is displayed in its
functionally active form on the microparticle surface. This can be achieved by
forming supported lipid membrane around individual particle. This sort of a device
can be used to detect the presence of target molecules in the flow-system and/or to
screen potential drug candidates against the target protein of interest.
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Figure 1.5: Simplified Jablonski diagram representation of the electronic transitions
occurring in fluorescence. Sy represents the ground electronic energy state while S,
and Sy represent first and second excite singlet states. Horizontal gray lines represent
the vibrational energy levels corresponding to a particular electronic energy state.
Vibrational levels corresponding to the ground electronic energy state (Sp) are not
shown for simplicity. Three main transitions (absorption, internal conversion and
fluorescence) have been shown using vertical lines with arrows. Fluorescence signal is
generated when the molecule relaxes from the lowermost vibrational level of the first
singlet state down to the ground electronic state. Also shown is the other relaxation
mechanism (intersystem crossing), which involves spin conversion and takes the
molecule to the prohibited triplet state. From the triplet state the molecule can
relax down to the ground electronic energy state with the emission of light. This
process (termed Phosphorescence) has much longer time scales associated with it
(1073100 sec.)



24

100 = I I | | T 100
~ 801 ¢ Y
= G £ =
Z : s =
2 60 60 S
3 =i
= L=
- g
§ 4 40 5
5 2
- p— 0
g s
= 20 -20 2
0

Wavelength (nm)

Figure 1.6: Representative excitation and emission spectrum of a fluorescent
molecule Texas Red-X (Molecular Probes) in aqueous phase (pH 7.2) are shown.
Molecular structure of the compound is shown in the insert. It can be noticed
that the emission peak is red shifted compared to the excitation peak. This is the
apparent Stokes shift, which results from the fact that energy associated with an ex-
citation event is always higher than the corresponding fluorescence event. Another
important aspect of excitation-emission spectra of some dyes is that they are mirror
images of each other. This can be clearly seen for the case of Texas Red-X probe.
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Figure 1.7: Schematic representation of the beam path in a confocal laser scanning
microscope (CLSM). Excitation beam is attenuated by source pinhole, reflected by
the dichroic mirror and is focused onto a small spot by the objective. Fluorescence
generated from the excitation plane makes its way through the objective, dichroic
mirror and detector pinhole into the photomultiplier detector. Fluorescence signal
generated from the Out-of-Focus plane is rejected by the detector pinhole.
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Figure 1.8: Schematic representation of a FRAP experiment showing the variation
of fluorescence intensity of a region of interest (ROI) with time. Relevant parameters
of the experiment have been shown. Also shown is the pulse sequence for the laser
illumination intensity. A burst of laser intensity (=~ 10X) for a short period of
time leads to the bleach event. Postbleach detection is again done at attenuated
laser power. Due to the mobility in the sample, fluorescence in the bleached region
recovers back to a certain level F,, which is generally lower than the prebleach
intensity F,. The difference of the two quantities can be used to calculate the
mobile fraction of the molecules. Transient behavior of fluorescence recovery F(t)
can be used to predict the diffusion coefficient of the molecules. Also, 71/, denotes
the half time of fluorescence recovery and is related to the characteristic time period

T (Tp = % and D = f(7p), where (3 is a function of the degree of bleaching).



Chapter 2

Synthesis of Membrane Tethers
from Bacteriorhodopsin

27



28

2.1 Introduction

The means of constructing supported membranes for the immobilization of mem-
brane proteins has progressed rapidly from simple physical adsorption of lipid bilay-
ers to more sophisticated approaches involving polymer tethering [39, 40, 41, 42, 43,
44]. In the case of a lipid bilayer supported on a solid surface without any tethers,
the membrane is separated from the interface by a thin, lubricating layer of water (=~
1-3 nm) [45, 46]. This thin water layer is sufficient to provide the lateral mobility to
the lipids in the supported bilayer. However, it presents various issues when integral
membrane protein is reconstituted into the supported membrane, as the extraneous
portions of the protein facing the support tend to interact with the surface. This can
lead to immobilization of these molecules and can completely remove their ability
to diffuse laterally in the membrane. To address this issue, a number of attempts
have been made in recent years with an overall goal of separating the membrane
from the surface with a polymeric cushion [43]. Bilayers fabricated in this manner
are either supported on the polymer layer or are tethered to the polymer through
various approaches. In the cases involving tether-supported membranes, a wide va-
riety of tethering molecules have been employed ranging from polymers to peptides
[39, 43]. Thus far, primarily single lipid moieties connected at the end of tethers
have been used to anchor membranes to solid supports [47, 48, 49, 50].

In the present research, our aim was to construct biotin-PEG3499-bacteriorhodopsin
(bR) conjugates and use them to anchor lipid bilayer membranes to streptavidin-
coated microspheres. Motivation for our approach to use bR comes from the point
of view of the enhancement of the stability of tether-supported membranes. In the
lipid-based tethers mentioned above, single lipid molecule is inserted into the sup-
ported membrane. On the contrary, if we have a molecule, which spans the entire

membrane and has much larger contact area with the hydrophobic parts of the bi-
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layer, it could act as a “molecular rivet” and provide the supported membrane with
much higher stability.

This chapter describes the construction of biotin-PEGs40-bacteriorhodopsin con-
jugates for the formation of solid-supported membranes on particles. We have
used amine-based coupling to conjugate biotin-PEG3400 to bR. The conjugates were
characterized using sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-
PAGE) and Matrix-Assisted Laser Desorption lonization Mass Spectrometry (MALDI-
MS) after purification. The biotin-PEGs400-bR. conjugate was further labeled with

Texas Red to facilitate localization via fluorescence imaging.

2.2 Background

Supported lipid membranes have gained a lot of importance over the past decade
due to their potential applicability in various areas. They serve as a model of
biological cell membranes and hence a very attractive candidate for the design of
biomimetic interfaces [43, 51]. The fact that in vivo, lipid membranes house a variety
of transmembrane proteins makes the supported membranes an ideal candidate to be
used for ex vivo reconstitution of these biomolecules upon isolation from native cell.
Potential applications for such systems range from understanding the functional role
of a membrane protein to building biosensing devices. The basic building block of
these supported membranes being a lipid molecule makes these a natural method
of biofunctionalization of surfaces. Furthermore, supported lipid bilayers have also
recently been suggested for use as a passivating background for attaching intact
liposomes to an interface [52, 53, 54]. This was accomplished by incorporation of a
lipid-DNA (or cholesterol-DNA) conjugate into the liposome and the display of the
complementary DNA strand on the upper leaflet of the supported lipid bilayer.

A lot of effort has been put in the direction of forming tether-supported lipid

membranes. As mentioned above, one of the primary reasons is to be able to space
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the bilayer farther from the substrate surface. From the point of view of our research
objectives, there is an additional reason, mainly concerned with the stability aspects
of these systems. A tethering molecule can impart more stability to the bilayer if it
is spanning the entire membrane instead of being inserted into one of the leaflets.
Bacteriorhodopsin, which is a transmembrane protein, is one good candidate.

Bacteriorhodopsin is a protein found in the cell membranes of Halobacteria,
which grow in hypersaline aquatic lakes. Due to presence of high salt concentration,
oxygen solubility in these habitats is drastically low — a condition that drives these
organisms to resort to anaerobic means of growth — one of which is solar energy.
bR is the key element, which helps in harvesting solar energy for life support of
these organisms. This is an alternative route to photosynthesis, as it doesn’t use a
chlorophyll-based reaction center as in the case of plants and bacteria. bR is a light
driven proton pump. It drives a gradient of protons across the cell membrane, which
is coupled with the synthesis of ATP — a chemical energy source for cell growth. bR
is a member of the retinal protein family, of which rhodopsin — the protein found in
visual pigments — is also a member. These proteins have a retinal molecule bound
in the intrahelical region which imparts them the essential functionality of being
a proton transporter. bR is the most extensively studied archaeal retinal protein
and is the paradigm of light-driven proton pump and seven-transmembrane helical
proteins [55].

By comparing a single phosphatidylcholine with bR one can verify that the total
hydrophobic surface area of bR is at least an order of magnitude higher than that
of the lipid (Figure 2.1). Also, It has been recently reported that the magnitude
of free energy difference for bR for the two states — membrane inserted vs. wa-
ter solvated — is 88 kcal/mol, whereas for a lipid molecule it is 10-20 kcal/mol
[56]. As our ultimate goal is to construct robust, supported membrane particles

for immobilization of membrane proteins for applications such as biocatalysis, the
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potential benefits of bacteriorhodopsin anchoring are multifold and linked to greater
control over the stability of supported bilayers. Shown schematically in Figure 2.2,
the use of bR (26.5 kDa without retinal) as a building block provides a means for
more extensive anchor-membrane interactions relative to lipid-mediated tethering.
Supported membrane assemblies on surfaces and particles fabricated in this fashion
should exhibit greater stability under shear or processing flows. In addition, due
to the increase in anchoring efficiency that could be obtained from the bR anchor,
it is conceivable that fewer tethering points would be needed for a given supported
membrane area. This would allow for greater native lipid areas for the introduction
of membrane proteins into supramolecular assemblies of this type. A further ben-
efit of bR anchoring is that reactive sites on the outer surface of the bR opposite
the tether can be exploited to further stabilize the assemblies via crosslinking or by
ligating large hydrophilic polymers such as glycans.

In order to use bR as a structural element to form tether supported membranes,
it had to be anchored to a hydrophilic polymer, which could serve as a spacer
moiety between the membrane and the supporting surface. One obvious choice
was polyethylene-based polymer as it has been widely utilized in lipid-based tether
molecules. In addition, bR also needed to be labeled by a fluorescent dye in order
to localize it with confocal microscopy technique. PEG is a highly versatile polymer
and a number of features, which make it one of the extensively used molecules
in biotechnology. Its biocompatibility and non-toxicity make it ideal for in vivo
applications. Due to its highly hydrophilic characteristic, it has been used to modify
surfaces to minimize protein adsorption [57, 58]. When conjugated to a protein, PEG
can drastically modify its properties. PEG modification shields the protein surface
and can make it more water-soluble [59, 60, 61]. In the case of therapeutic proteins,
PEG can reduce immunogenicity, thus increasing the circulation time and efficacy

of the drug [62, 63].
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In current study we utilized amine based coupling of PEG to lysine residues
on bR. There are a few precedents related to the present study that have involved
bacteriorhodopsin or rhodopsin conjugation that warrant mention here. In one such
study, Sirokman and Fasman explored the amine-based PEGylation of bR in confer-
ring water solubility to the protein, providing an analysis of likely conjugation sites
[59]. In addition, their studies indicated that PEGsg0-bR retained similar proton
pumping activity relative to that of unlabeled bR when the conjugate was reconsti-
tuted into lipid bilayers. In more recent work, Puu et al. utilized biotinylation of
bR to allow for the localization of the protein in surface deposited proteoliposomes,
which was verified via AFM imaging of streptavidin-colloidal gold probes [42]. Also
related to the present study is the work of Bieri et al. in which rhodopsin that was
biotinylated at the extracellular glycan moiety was used to tether the protein in a
specific orientation in a biosensor microarray [64]. While these studies demonstrate
feasibility of conjugation of bR and tethering via closely related rhodopsin, our work
explores the first use of bR as a building block for a potentially improved means to

anchor supported membranes.

2.3 Experimental

Abbreviations

bR, Bacteriorhodopsin; PEG, Polyethylene Glycol; mPEG, methoxy-Polyethylene
Glycol; NHS, N-hydroxylsuccinimide; SPA, succinimidyl propionate; DMSO, Dimethyl
Sulfoxide; TR, Texas Red; OG, Octyl 8-Glucoside; MALDI-TOF-MS, Matrix-Assisted

Laser Desorption/Ionization Time of Flight Mass Spectrometry.

Materials
Bacteriorhodopsin was obtained as lyophilized powder of the Purple Membrane

from Halobacterium salinarum strain S9 (Munich Innovative Biomaterials (MIB)
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GmbH, Germany). Biotin-PEGg3400-SPA (MW 3400) was obtained from Nektar
Therapeutics, Huntsville, AL. OG was obtained from Pierce Biotechnology Inc.,
Rockford, IL. Texas Red-X, succinimidyl ester was obtained from Molecular Probes,
Eugene, OR. Sephadex G-50 was obtained from Amersham Biosciences Inc, Piscat-
away, NJ. Sequencing grade Trypsin (Bovine Pancreatic) was obtained from Roche
Allied Science, Indianapolis, IN. RapiGestTM was purchased from Waters Corp,
Waltham, Mass.

Labeling of bR with biotin-PEGss99 and Texas Red

Purple membrane (3.45 mg bR) and biotin-PEG3400-SPA (38.2 mg) were each
dissolved in 200 pl, 50 mM Nay,HPO, buffer stocks, pH 9.0 with 100 mM OG.
The two solutions were mixed together and incubated at room temperature with
gentle shaking for two hours. Texas Red-X succinimidyl ester stock (16.7 mg/ml)
was prepared in DMSO and 30 ul was added to 200 ul of reaction mixture. The
remaining reaction mixture was saved for SDS-PAGE and MALDI-TOF-MS analysis
after the addition of 15 ul of hydroxylamine (1.5 M) stop reagent. Texas Red-X
containing reaction mixture was further incubated in the dark at room temperature
for 2 hours before the addition of 15 ul of hydroxylamine (1.5 M) stop reagent.
Excess reactants were separated over a Sephadex G-50 column (1 cm X 50 cm)
equilibrated with 50 mM NayHPO, buffer without any OG. bR fractions (labeled
and unlabeled) collected from the first peak were pooled together and concentrated
using Amicon Ultra 15 filters (30 kDa cutoff, 2800 X g; 30min). bR aggregates
formed on filter membrane were resolubilized using 100 mM OG. To achieve greater
purification, traces of excess fluorescent probe TR and unattached biotin-PEG34g
were further removed by another G-50 column. bR fractions from the first peak were
pooled together again and exchanged with Hepes Buffer A (Hepes 20 mM, EDTA
1 mM, NaCl 100 mM, pH 7.5) using Amicon Ultra-15 filters (2800 X g; 30 min) in
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three rinse-spin cycles. The final retentate containing both labeled and unlabeled
bR was redissolved in 100 mM OG (25 uM protein, 600 ul total volume) and was

stored at —4°C until required.

Other methods

MALDI-TOF mass spectrometry analysis was conducted at the Columbia Uni-
versity Protein Core Facility on a Perceptive Biosystems delayed-extraction reflector
instrument. Trypsin digestion was carried out overnight at 37°C in 0.5% RapiGest
SF, at concentrations of bR and sequencing grade trypsin of 0.5 mg/ml and 0.05
mg/ml, respectively. The detergent was removed via ultrafiltration and a 10 minute,
100°C. denaturing step preceded the digestion. SDS-PAGE was done on Bio-Rad
Mini PROTEAN II apparatus using 4-15% Linear Gradient Ready Gel Tris-HCI
Gels. Bio-Safe Coomassie stain from Bio-Rad Laboratories was used to detect pro-
tein bands. Gel densitomograms were obtained using a 16-bit Umax flatbed scanner,
with image processing carried out using Igor Pro 4.0 (Wavemetrics, Inc). UV-Vis
analysis was done on Hitachi U-3010 Spectrophotometer. Extent of fluorophore la-
beling was determined by comparison of Texas Red absorbance relative to protein
concentration. Presence of Texas Red was also evident from a corresponding shift

of peaks in MALDI-MS study [65].

2.4 Results and Discussion

Our strategy to conjugate bacteriorhodopsin for anchoring membranes was adapted
from earlier work of Sirokman and Fasman [59]. In their study, the main objectives
were to analyze the effect of mPEG conjugation on the water solubility, refolding
characteristics and proton pumping activity of bR. We have utilized PEG conjuga-
tion of bR with distinctly different objective. Our aim was to utilize bR-PEG349

conjugates as structural elements in the design of supported membranes. In our
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application, predominantly single site labeling is desired. Furthermore, low yield
is tolerable because only the biotinylated bR conjugates will be assembled into the
supramolecular complexes. Therefore, in contrast to the earlier bR PEGylation
study in which moderate double labeling was obtained, we did not employ two
reaction cycles nor include non-reactive PEG to increase reactivity of the protein
[59]. The first step of the conjugation was carried out at pH 9 at a ninety-fold molar
excess of biotin-PEG3400-SPA. To enable fluorescence imaging of the biotin-PEGszy00-
bR conjugates, an amine-based labeling (at 5-fold molar excess) with Texas Red-X
succinimidyl ester was conducted after PEGylation, also at pH 9. Separation of the
excess reactants was carried out using gel filtration followed by ultrafiltration to re-
move all traces of Texas Red dye not covalently linked to the protein. Figure 2.3 dis-
plays MALDI-TOF-MS traces of the bacteriorhodopsin (bR) starting material (trace
A), the bR-PEGs4g0-biotin conjugate (trace B), and the biotin-PEGgz400-bR-Texas
Red conjugate (trace C). The inset of Figure 2.3 displays SDS-PAGE densitomo-
grams that correspond to the MALDI-TOF-MS traces; bacteriorhodopsin starting
material (trace A’), the bR-PEG3409 conjugate (trace B’), and the molecular weight
markers (trace M). Traces B (MALDI-TOF-MS) and B’ (SDS-PAGE) each contain
two peaks — a lower molecular weight peak from the unreacted bR and an addi-
tional peak of higher molecular weight that we assign to the conjugate. In trace B,
we assign the conjugate peak (denoted by an asterisk (*)) to the broad band located
approximately 3400 Daltons higher in molecular weight. A very weak band that ap-
pears to correspond to bR-(PEGasyg0-biotin), is evidenced near 34100 Da in trace B,
We assign this feature to a small amount of double labeling of bR. As MALDI-TOF
characterization does not provide direct quantitative information about conjugate
yield due to differences in desorption of various species [62], SDS-PAGE studies
were also employed. SDS-PAGE densitomograms were obtained for separate bio-

conjugation trials. Multipeak fitting gave estimated yields of the bR-PEGgz4o-biotin
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conjugates that ranged from 13 to 25%. Also, comparison of the bR band with the
marker bands in SDS-PAGE data (Figure 2.3) reveals that it is located in between
the two bands for 20 kDa and 25 kDa protein markers. This apparently is the effect
of higher degree of interactions of SDS surfactant with a membrane protein, which
results in higher charge/mass ratio and enhanced electrophoretic mobility.

Figure 2.4 shows a schematic of the amino acid sequence of bR, with reference
to the secondary structures of bR as determined by X-ray crystallography in recent
work by Belrhali et al. (1999; 1ghj) [66]. The seven lysine residues are indicated by
the circles, the residues that comprise the transmembrane helices are located inside
the rectangles. We note that the N-terminus is post-translationally modified and
does not contain a primary amine [67]. The most likely polymer conjugation sites
are Lys 129 and Lys 159 (indicated by arrows), as these are found on loops inter-
connecting the transmembrane helices and are solvent accessible to bulky reactants
such as the biotin-PEGgz400-SPA employed here [59]. Furthermore, in aforemen-
tioned studies carried out by Sirokman and Fasman with amine-reactive PEGsgg,
chymotrypsin digestion studies were consistent with loop lysine labeling [59]. Their
findings were further bolstered by cogent arguments also based on the structure of
bR. Early work with small molecule labeling indicated that Lys 129 was the most
likely site [68, 69].

Analysis of bR structure using a molecular modeling program (e.g., Rasmol)
reveals further information about the two likely conjugation sites, Lys 129 and Lys
159. Lysine residue at position 129 seems to be freely accessible to the solvent
while the neighboring residues comparatively restrict the access to Lys 159 (Figure
2.5-A). Moreover, it is in the vicinity of two aspartic acid residues (Asp 102, Asp
104) (Figure 2.5-B). Side chain carboxylic (COOH) groups of these Asp residues are
within 5 A distance from the side chain amine (NH,) of Lys 159. Presence of acidic

residues in this close proximity is likely to protonate the amine, rendering it inactive
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to amine labelling agents such as biotin-PEGg400-SPA. This implies that we might
have only one lysine residue in the entire amino-acid sequence of the bR, (Lys 129),
which is likely to be conjugated by biotin-PEG3400-SPA.

To address this issue directly, we have performed a trypsin digestion of the bR-
PEG3400-biotin conjugate, followed by MALDI-TOF-MS characterization of the re-
sulting fragments. The degree of difficulty of trypsin fragmentation is especially high
for membrane proteins such bR, as most cleavage sites are buried. In addition, diges-
tion of the protein gives rise to highly hydrophobic peptides [67]. Furthermore, the
addition of detergents to achieve protein solubiliation dramatically reduces trypsin
activity towards exposed cleavage sites as well. To obtain greater digestion yields
we employed a new, acid-cleavable denaturant (RapiGestTM SF; Waters Corp) that
does not greatly inhibit proteases and allows for higher trypsin reaction yields. In
our experiments, run over a wide set of conditions including ranges of RapiGestTM
SF concentration and Trypsin:bR ratio, we obtained peptides with missed cleavages
almost exclusively. Table 2.1 lists the tryptic digest fragments detected that con-
tain either K129 or K159. The corresponding MALDI-TOF-MS traces are shown
in Figure 2.6. Trace A is from bR (control) and traces B and B’ (= 3 X B) are
from the bR-PEGs4go-biotin conjugate. Prominent in Trace A are the peaks at
17,578 and 24,856 m/z, assigned to 1-159 and 1-227, respectively, formed from loop
site cleavage. Inspection of the bR-PEGgs4pp-biotin conjugate trace magnified 3X
shows broad peaks shifted over by approximately 3400 Da from peaks assigned to
sequences 1-159 and 1-227. These peaks are assigned to 1-159-PEGgz4po-biotin and
1-227-PEG3490-biotin conjugated fragments. The doubly-charged 1-159-PEGs400-
biotin species was also detected as a broad peak centered at 10,826 m/z. We were
unable to detect any other PEGylated species, including conjugates of 83-159 and
41-159, a consequence, presumably, of lower yields of intrahelical-site cleavage that

precluded detection. Due to the high yield of 1-159-PEG340p-biotin species in the
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trypsin digest, we infer that the predominant PEGssgp-biotin conjugation site is
K129, as PEGgygo-biotin labeling at K159 would be expected to inhibit trypsin due
to steric hindrance.

The other 5 lysines are thought to be less solvent accessible and are the likely sites
of conjugation of the hydrophobic Texas Red fluorophore. Evidence for successful
fluorophore labeling was first seen in the SDS-PAGE gels, as the bands from bR
labeled with Texas Red generated a different hue due to the colorimetric properties
of this chromophore combined with the bromophenol blue protein stain. MALDI-
TOF-MS of the biotin-PEGgs400-bR-Texas Red conjugate is shown in trace C of
Figure 2.3. Two broad peaks with complex lineshapes were evidenced, centered
at approximately 27,700 and 31,500 Daltons. These features are shifted by over
600 Daltons from the corresponding peaks arising from bR and the bR-PEGs4g0-
biotin conjugate (found in trace B). These shifts are consistent with the successful
conjugation of Texas Red (ligated molecular weight 702 Da) to a fraction of both the
unreacted bR starting material and the bR-PEG3490-biotin conjugate, giving rise to
broad composite peaks comprised of fluorophore-labeled and unlabeled molecules.

UV-Vis analysis was performed to determine the degree of protein labeling with
Texas Red. Figure 2.7 shows the absorption spectra for bR starting material, bR-
PEG3400, bR-PEG3s400-TR conjugate. Analysis of the absorption data revealed that
approximately 1-2 Texas Red fluorophores were conjugated to each protein molecule.
An interesting observation that came up from the absorption analysis of the conju-
gates was that retinal was found to be missing from TR labeled bR-PEG340p-biotin.
This could be a manifestation that retinal linkage to Lys 216 residue through the
Schiff’s base is relatively weak. As the retinal was present in bR-PEGsyo-biotin
conjugates, it is likely that presence of lysine reactive Texas Red NHS reagent could

have enhanced the detachment of retinal from bR.
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2.5 Conclusions

We have demonstrated successful conjugation of bacteriorhodopsin with biotin-
PEGa3400 to synthesize bR-PEGgsyq0-biotin molecule. Conjugates were purified using
gel chromatography combined with ultrafiltration. Characterization of the conju-
gates was done by MALDI-MS, SDS-PAGE and UV-Vis absorption spectroscopy.
Reaction yields were determined from SDS-PAGE densitomograms and were es-
timated to be 13-25% for different bioconjugation runs. We have predominantly
observed single site labeling with a small amount of double labeling as seen in
MALDI-MS analysis. Trypsin digest was performed in order to determine the con-
jugation site for biotin-PEGs49. Acid cleavable denaturant, Rapigest was utilized to
maximize the digestion yields. Based on the MALDI-MS analysis of trypsin digested
fragments of the bR conjugates, we have assigned Lys 129 as the conjugation site.
This result is in agreement with previous bioconjugation studies on bR [59, 68, 69].
Further analysis of the conjugates with UV-Vis technique revealed 1-2 Texas Red
dye molecules per protein molecule in the conjugated mixture.

A membrane tethering molecule should have the following characteristics: (i) a
hydrophobic part which will insert into the lipid bilayer; (ii) a hydrophilic polymer
(PEG) which can act like a spacer molecule; and (iii) a terminal functionality which
will be useful in terms of anchoring the tether onto a suitable supporting bead
surface. bR-TR-PEGsygo-biotin conjugates synthesized here qualify these criteria.
Predominant single site labeling with biotin-PEG3400 ensures that there will be no
crosslinking with the supporting bead surface and fluorescent labeling of bR will
facilitate the characterization of tether assemblies on the bead surface using confocal

microscopy.
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Table 2.1: Trypsin fragments of bacteriorhodopsin detected by MALDI-MS that
contain potentially accessible lysines

Trypsin Fragment bR Observed bR-PEGgs4p0-biotin  Assigned Sequence or Conjugate

number (m/z)* Observed (m/z)* (Expected MW:Species)
T6-7 3566 3600 130-159
(3645:[M+H]+1)
T5-7 8479 8481 83-159
(8470:[M+H]+1)
T1-7 9025 9017 1-159
(9034:[M+H]+2)
T1-7 PEG3400—biOtiIl - 10826 1—159—PEG3400—biotin
(9034:[M+H]+2)
T1-12 12355 12432 1-227
(24882:[M+H]+2)
T3-7 13262 13307 41-159
(13198:[M+H] 1)
T1-7 17578 17662 1-159
(17487:[M+H] 1)
Tl—?—PEG3400—biOtin - 21200 1—159—PEG3400—biotin
(20870:[M+H]+1)
T1-12 24856 24885 1-227
(24882:M+1)
T1-12—PEG3400—biOtin - 28551 1—227—PEG3400—b10tin

(28282:[M+H] 1)

“the moderate errors in m/z relative to the expected MWs are attributed to external
calibration of the spectra and some degree of amino acid side reactions such as

methionine oxidation.
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Figure 2.1: Side by side comparison of a lipid molecule and bacteriorhodopsin (bR).
Lateral area of the protein is shown in an elliptical envelop for comparison. The
dimensions are not exact and have been roughly estimated by using Chem3D.

Tethered BR
Supported
Lipid Bilayer

Figure 2.2: Schematic diagram of solid supported vesicles that integrate bacteri-
orhodopsin conjugates as lipid bilayer membrane anchors.
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Figure 2.3: MALDI-TOF-MS and SDS-PAGE gel densitometry results for the
biotin-PEGs4go-bacteriorhodopsin conjugate. Trace A was obtained from the Bacte-
riorhodopsin (bR) starting material. Trace B was obtained from the biotin-PEGsz400-
bR conjugate. The peak denoted by the asterisk (*) in the main figure and inset
is assigned to the biotin-PEGs4gp-bacteriorhodopsin conjugate. Trace C was ob-
tained from the biotin-PEGs400-bR-Texas Red conjugate. In the inset SDS-PAGE
gel densitometry results are shown for samples corresponding to traces A and B of
the MALDI-TOF-MS results. Trace A’ was obtained from the bR starting material.
Trace B’ was obtained from the biotin-PEG3409-bR conjugate. Trace M was from
the molecular weight markers (20, 25 and 37 kDa; left to right).
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Figure 2.4: Schematic Diagram of the Structure of bacteriorhodopsin. The amino
acid residues located in transmembrane helices are indicated by the rectangular
boxes.
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. Lys 159 Asp 102

Figure 2.5: Analysis of Lys 129 and Lys 159 residues using Rasmol program. A) Lys
129 residue is freely accessible to the solvent whereas Lys 159 is in close proximity
to Asp 102 and Asp 104 residues. B) A zoomed in view of the vicinity of Lys 159
from top showing the proximity of side chain carboxyl groups (COO-) of Asp 102
and Asp 104 to the side chain amine (NHy) group of Lys 159. Hydrogen atoms are
not shown for clarity.
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Figure 2.6: MALDI-TOF-MS results for the tryptic digest reaction products of the
biotin-PEGs4go-bacteriorhodopsin conjugate. Trace A was obtained from a tryptic
digest of the bacteriorhodopsin (bR) starting material. Trace B was obtained from
a tryptic digest of biotin-PEGg400-bR conjugate, conducted at the same conditions
as in trace A. For closer examination, the region from 15,000 to 32,000 of trace B is
shown magnified three times in the top trace.
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Figure 2.7: UV-Vis absorption spectra for bR starting material, biotin-PEGs490-
bR, TR-bR-PEGg4po-biotin and TR alone. Data points have been shown sparsely
distributed for clarity. Absorption pattern of bR shows the characteristic peak at
570nm which is originated from retinal bound to Lys 216 of bR structure. Protein
concentration in bR-PEGgsyg0-biotin was calculated by using an extinction coefficient
at 570 nm (€579 = 63,000). In TR-bR-PEGgs4g0-biotin sample the 570 nm peak is
missing indicating that the chromophore retinal has been lost. Instead we have
the characteristic absorption pattern of Texas Red (Compare with the absorption
spectrum of free TR). Using an extinction coefficient of Texas Red at 594 nm (€504
= 80,000) concentration of TR was estimated. Protein concentration in TR-bR-
PEGs400-biotin was indirectly estimated by comparison with the absorption (Asgg)
of bR-PEG34g0-biotin. Biotin-PEGs4q gives no detectable interfering signals at these
concentration levels.
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3.1 Motivation

In the previous chapter we described the synthesis of bR-PEG conjugates and char-
acterized them for use as a suitable tethering alternative for supported bilayers. As
discussed in the research outline given in the introduction chapter, our next goal was
to functionalize a suitable surface to be used as a support for tethered membrane
formation. We have synthesized the bR tethers with terminal biotin functionality
in order to be able to use streptavidin—biotin interactions to anchor the tethers on
a suitable surface. Our goal is to immobilize these tethers on spherical micropar-
ticles and subsequently fabricate supported lipid membrane on them. Desirable
properties of the particles include a specific biofunctionality (biotin binding ability
in this case), homogeneous and smooth surface to facilitate the uniform display of
tether molecules, and satisfactory control over non-specific interactions of various
molecules with the surface. Commercially available streptavidin (SA) coated beads
were not very satisfactory in this regard. There could be non-uniform distribution
of SA on these beads. In the case of polystyrene based beads, occasional cracks were
evident on the surface. These can be potential sites for lipid aggregation. Another
issue was the presence of unfolded SA on commercially available beads due to the
shelf-life issue. To this end, we set out to functionalize silica beads in-house with
fresh SA according to our requirements and further passivate them to minimize any
non-specific interactions with hydrophobic molecules or fluorescent probes. Silica
was chosen as the starting material for the microparticles as it is hydrophilic and

will reduce non-specific hydrophobic interactions with the bare surface.

3.2 Introduction

Silica chemistry has been extensively studied and reported in the literature. A

number of approaches can be used to modify the silica surface. Silanization has been



49

the most widely used method to derivatize silica surfaces. It was originally used to
modify silica bead surface for the design of liquid chromatography supports [70, 71].
In general, this method involves covalent linking of organic molecules to surface
siloxy groups by silylation with methoxy — or chlorosilanes [72]. Silanization of a
silica surface despite its apparent simplicity is an enormously complex process. The
reaction is very sensitive to a number of factors including the nature of silica surface,
presence of surface impurities, and most important of all, presence of water traces
on the surface. In general, it required extensive pretreatment of silica surface to
completely dehydrate the surface followed by treatment with excess reactive silanes
without a solvent or dissolved in anhydrous benzene or toluene [72, 73, 74, 75].
Modified silica surface achieved in this manner contains molecules covalently linked
to it. However, they are sparsely distributed, which leaves a considerable fraction
of silanol groups exposed on the surface [74, 76].

More compact density of these surface modifiers can be achieved by the forma-
tion of self-assembled monolayers (SAMs) on silica substrates. Basic building blocks
of SAMs are amphipathic molecules, which spontaneously adsorb onto a solid sur-
face from a solution to form a densely packed, two-dimensional structure. Silane
based SAMs were first studied on planar substrates by Sagiv et al. [77, 78, 79, 80|
and since then they have become a subject of great interest due to their potential
applications, which require design of tailor made surfaces for biosensors, optoelec-
tronic devices [81], liquid chromatography [76], nanopatterning of surface [82, 83, 84|
etc. The details of the process of SAM formation on a substrate are not entirely
understood but it is generally accepted that the traces of water molecules present
on the substrate surface play a crucial role. Silica surface is highly hydrophilic and
spontaneously adsorbs atmospheric humidity leading to the formation of a thin wa-
ter layer [85, 86, 87]. It is believed [88] that the first step in the SAM formation

is the physisorption of the polar head groups on the surface. Surface bound water
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layer then hydrolyzes them into silanols. It is assumed here that the organic phase
used to deposit the silanes on the surface contains small or no traces of water and
hence the silanes cannot be completely hydrolyzed in the bulk solvent. If the sur-
face adsorbed silane molecule contains more than one active group (e.g., Si-Xy or
Si-X3 where X = chloride or methoxy group), there is a possibility of lateral poly-
merization through intermolecular Si-O-Si bond formation to give strongly bound
monolayers. Figure 3.1 shows the sequence of events discussed above for the case
of the surfactant used in the present case. Under uncontrolled conditions vertical
polymerization can also take place, which can lead to the formation of aggregates
on the substrate surface. Also, it is expected that curing the surfaces (heating the
sample in air at 100-200°C.) can eliminate surface adsorbed water and can lead to
covalent linking of adsorbed silanes with surface silanol groups [89]. However, there
are contradicting views on this hypothesis. In one such study, the use of *Si-NMR
analysis on mixed-C3/Cyg-alkyltrichlorosilanes horizontally polymerized monolayers
on silica gel revealed that about 30% of the head groups were covalently attached
to the silica substrate [90].

We decided to derivatize the silica bead surface by the formation of self-assembled
monolayers as it can give quite compact and uniform distribution of the desired func-
tionality on silica bead surface. p-Aminophenyltrimethoxysilane (APhMS) was used
as the building block of the SAMs. This gives rise to amine terminal functionality on
the bead surface, which can be exploited further to attach molecules of our choice to
further derivatize the silica surface. The presence of a terminal amine functionality
presents a possibility for the use of N-hydroxysuccinimide (NHS) based reagents.
NHS based reagents are highly reactive towards nucleophilic amine groups. The
reaction links the molecule of interest to the amines and liberates hydrolyzed NHS
ester molecule. Another advantage of derivatizing the surface with amine terminated

SAMs is that the further chemistry can be carried out in aqueous phase. This is
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crucial for our system as we aim to functionalize our beads with streptavidin, which
can potentially unfold and remove its ability to bind biotin in an organic solvent.
We have used biotin-PEG-NHS linkers to attach to the top of APhMS SAMs. This
was followed by treatment with excess PEG-NHS to block any unreacted sites and
also to make the surface completely passive to non-specific adsorption. The biotin-

derivatized surface was then coated with fresh streptavidin when it was required.

3.3 Experimental

Abbreviations

APhMS, p-Aminophenyltrimethoxysilane; PEG, Polyethylene Glycol; mPEG,
methoxy-Polyethylene Glycol; NHS, N-hydroxylsuccinimide; SPA | succinimidyl pro-
pionate; TR, Texas Red; SAM, Self-assembled monolayer; DMSO, Dimethyl Sul-
foxide; HABA, 2-(4-Hydroxyazobenzene) Benzoic Acid; POPC, L-a- Phosphatidyl-
choline; DOPG, 1, 2-Dioleoyl-sn-Glycero-3-[Phospho-rac-(1-glycerol)] (Sodium Salt);

SA, Streptavidin.

Materials

APhMS was obtained from Gelest, Inc., Morrisville, PA. Texas Red-X, succin-
imidyl ester was obtained from Molecular Probes, Eugene, OR. Biotin-PEG3400-SPA
and mPEGgq-SPA were obtained from Nektar Therapeutics, Huntsville, AL. SA
and SA-FITC were obtained from Sigma-Aldrich Corp., St. Louis, MO. POPC (egg,
chicken) and DOPG were purchased from Avanti Polar Lipids, Inc. Alabaster, AL.
Green fluorescent lipid probe S-BODIPY 500/510 Cy5-HPC was purchased from

Molecular Probes, Eugene, OR.

Modification of silica microsphere surface with p-aminophenyltrimethoxy silane
(APhMS)

Surface of silica beads was cleaned by treating them with sulfuric acid contain-
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ing nochromix (4.8% w/v) for 40 min. This was followed by 3 cycles of deionized
water wash and centrifugation. Finally, the beads were washed once with anhydrous
toluene and centrifuged again. A 200 mM stock solution of APhMS was prepared by
dissolving it in toluene just before using it and a controlled amount of deionized wa-
ter was put in it (0.54% v/v corresponding to water concentration of 300 mM). This
was done to facilitate controlled hydrolysis of silane in solution phase. APhMS stock
in toluene was used to suspend the silica palette obtained after centrifugation. The
suspension was gently shaken after regular interval to keep the beads from settling
due to gravity. After 30 min of incubation, excess unreacted APhMS solution was
decanted and APhMS coated beads were washed with pure toluene and centrifuged.
Traces of toluene were removed by putting the beads in vacuum overnight. After
24 hours of curing at room temperature, beads were washed thrice with acetone to
further remove any clumps of APhMS from bead surface. Beads were then dried
under vacuum and stored at room temperature.

In order to test the uniformity of APhMS distribution on the bead surface it
was tagged with Texas Red-NHS. A 2-mg/ml stock of the reactive dye was prepared
in anhydrous DMSO and a 10 ul aliquot of the reactive dye stock was added to
the slurry of beads in phosphate buffer pH 9.0 (9 mg beads in 250 ul). After 1
hour of reaction time 10 pul of stop reagent (Hydroxylamine 1.5 M, pH 8.5) was
added to terminate the reaction and beads were washed with fresh buffer. In order
to wash last traces of surface adsorbed dye, beads were washed with DMSO in 10
rinse-spin cycles. Beads were finally re-suspended in phosphate buffer pH 9.0 and

were analyzed using epi-fluorescence and confocal microscopy.

Functionalization of modified silica surface with biotin
APhMS-coated silica beads were treated with biotin-PEGs400-NHS to attach

biotin-PEGgs400 to the bead surface. NHS end of the molecule is highly reactive
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towards nucleophilic amine groups on the bead surface. The reaction leads to bind-
ing of biotin-PEGgs4 to surface amines and liberation of hydrolyzed NHS ester
molecule. In a typical PEGylation run, 40 mg APhMS coated silica beads were
pre-washed twice with 1 mM NaOH to deprotonate most of the amine groups on
the surface. Beads were then suspended in 500 ul of biotin-PEG3499-NHS solution.
Biotin-PEG3400-NHS solution was made by dissolving 18.4 mg reagent in 500 pl
phosphate pH 9.0 and immediately added to the bead palette, as it hydrolyzes very
rapidly in aqueous phase (Nektar Therapeutics) Mixture was incubated at room
temperature with frequent gentle mixing to redisperse settled beads. After 30 min-
utes a freshly made 500 pl solution of biotin-PEGs400-NHS (10.3 mg/500 ul) was
added to the reaction mixture. This was followed by another addition of 300 ul of
third biotin-PEG3400-NHS stock (9.8 mg/300 ul) after 30 min. Subsequent additions
of fresh biotin-PEGg3400-NHS stocks were done to maintain a high concentration of
reactive biotin-PEG3400-NHS as it hydrolyzes very fast in aqueous phase and be-
comes unreactive. After another 60 min of incubation a freshly made 300 ul stock
of mPEGg00-SPA (26.3 mg/ml) was added. This was done to tag unlabeled amine
groups and completely passivate any bare surface on the beads. For making PEG-
passivated control microspheres, APhMS coated beads were directly treated with
mPEGy00-SPA at similar concentration levels as described above. After overnight
incubation to maximize PEGylation of the surface, beads were subjected to 10 spin-

rinse cycles with phosphate buffer (pH 9.0) to remove excess PEG reagents.

Streptavidin tagging to biotinylated bead surface

Streptavidin was attached to biotin-PEGgsygy tethered beads by incubating the
beads with a solution of streptavidin in phosphate buffer (pH 9.0). In a typical
run, a 10 mg beads were dispersed in 200 pul streptavidin stock (0.5 mg/ml) and

incubated for 2 hours at room temperature with gentle mixing. Beads were then
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washed 4 times with phosphate buffer to remove excess unbound protein. Similar
protocol was followed to tag the beads with fluorescent streptavidin (SA-FITC) in
order to verify the labeling using confocal microscopy. As a test for specific biotin
labeling by SA-FITC, a set of PEG passivated control beads was also treated with

SA-FITC under similar conditions.

2-(4-Hydrozyazobenzene) Benzoic Acid (HABA) displacement assay to determine
biotin surface density

HABA assay was performed to determine surface density of biotin on biotin-
PEGa3400 tethered silica beads. As a negative control, mPEGyyyo passivated beads
were used. Four milligram beads from each set were washed 3 times in HABA assay
buffer (Phosphate 100 mM, NaCl 150 mM, pH 7.2). HABA-avidin mother stock was
prepared in HABA assay buffer by dissolving the HABA-avidin premix in 100 pl DI
water and adding 900 pl of HABA assay buffer. This was further diluted 10 times
to prepare HABA-avidin mother stock. Both bead sets after 3X washing in HABA
assay buffer were resuspended in 250 pl each of HABA-avidin working stock. After
3 hours of incubation with gentle mixing, beads were spinned out of the reaction
mixtures and absorption of the supernatant solutions was measured using Beckman
DU-640 spectrophotometer. Comparison was done with the absorption of HABA-

avidin working stock.

Test of nonspecific binding of lipids to the functionalized beads at different stages of
surface modification

One of the important goals was to minimize non-specific interactions of the lipids
with silica surface. To this end we passivated the beads with mPEGyyg as described
earlier. In order to verify that we had achieved control over non-specific interactions
with the surface, silica beads at different stages of surface modification were in-

cubated with lipid formulation (POPC/DOPG/S-Bodipy-HPC). Different surfaces
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that were tested were: (i) bare silica, (ii) APhMS coated, (iii) biotin-PEGgz40¢ func-
tionalized without mPEGyg passivation, (iv) biotin-PEGs400 functionalized and
mPEGygo passivated, and (v,vi) SA tagged beads of sets (iii) and (iv) respectively.
In a typical run, 4 mg of beads were mixed with 20 ul of fluorescently doped lipo-
somes solution (lipid concentration 4 mg/ml) and incubated for 1 hour. Fluorescent
lipid B-Bodipy 500/510 C1o-HPC was present in the liposome formulations at a ra-
tio of 1:100 (probe:lipid). Excess liposomes were removed by centrifugation. Beads

were analyzed by confocal microscopy.

Confocal microscopy

Confocal microscopy was used to image the fluorescently tagged bead surface.
This is a very powerful fluorescence imaging technique as it gives advanced capabili-
ties compared to fluorescence microscopy. These include control over the illuminated
spot size and depth of field, ability to reject out of focus fluorescence and ability
to image thin sections of a sample, and a number of more advanced features not
available in regular fluorescence microscopes. A confocal imaging system achieves
out-of-focus rejection by the combination of two strategies: (a) by illuminating a
single point of the specimen with a laser beam attenuated through source pinhole,
so that illumination intensity drops off rapidly above and below the plane of focus;
and (b) by the use of a pinhole aperture in a conjugate focal plane to the specimen,
so that light emitted from the out-of-focus point in the specimen is blocked from
reaching the detector.

Samples were imaged using Leica TCS SP2 AOBS Spectral Confocal Microscope
System equipped with Argon ion and HeNe lasers. Texas Red was excited by 594
nm excitation line and 63X/1.4 oil immersion objective was used. FITC was excited
using 488 nm line of Argon laser and images were taken with the detection window

set between 502-614 nm. Pinhole aperture was set at airy value of 1, which was
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equivalent to ~ 500 nm vertical slice of the bead.

3.4 Results and Discussion

3.4.1 APOMS coating of silica bead surface

In order to use hydrophilic silica beads we needed to modify the surface to provide it
with a suitable functionality. Silane based chemistry has been widely used to modify
planar silica surfaces as discussed earlier. We employed the APhMS molecule, which
has been shown to coat the silica surface through the formation of SAMs [83].
A potential advantage of using APhMS is that there is a possibility of hydrogen
bonding at the terminal group further stabilizing the assemblies. As we were using
spherical silica beads, we had much larger surface area to volume ratio and we
needed to optimize the APhMS concentration accordingly. Another issue was that
it was harder to control the amount of water on sulfuric acid cleaned beads as
we were processing milligram quantities of beads. Amount of surface adsorbed
water has been shown to be critical in silane chemistry [70]. To address this issue,
beads were washed with toluene once to remove any excess water from the system.
Toluene does not completely dehydrate the bead surface, as water is not completely
miscible in toluene. Also, hydrolysis of methoxy silanes was facilitated in the stock
solution by adding controlled amount of water. This has been shown to be an
effective strategy to optimize surface coverage of silane SAMS [83]. In a parallel
batch, as-received silica beads were directly exposed to APhMS stock solution in
toluene containing trace amounts of water. No significant difference was observed
in the APhMS coverage for the HySOy4-pretreated beads as analyzed by Texas Red
staining explained below. The results shown in Figure 3.2 are for the set of beads,
which was directly exposed to APhMS without any sulfuric acid pretreatment.
APhMS coverage of the bead surface was analyzed by staining it with Texas

Red-NHS. Analysis of Texas Red distribution on the bead surface was done with



57

confocal microscopy. Figure 3.2 shows the different sections of Texas Red stained
bead surface. Each section corresponds to ~ 500 nm thickness of the imaged bead
as shown in the schematic in the figure. A three dimensional reconstruction of the
images shows perfectly homogeneous labeling of the bead surface with Texas Red
indicating that APhMS was uniformly coating the bead surface. Analysis of the
control beads (bare silica) incubated with Texas Red-NHS showed no detectable
fluorescence on the bead surface indicating that Texas Red-NHS was specifically

labeling surface amines.

3.4.2 Verification of homogeneous biotin distribution using
streptavidin-FITC labeling

As mentioned earlier, it was very crucial to achieve a uniform density of the func-
tional groups on the silica bead surface. Distribution of biotin on the biotin-PEG349
derivatized, mPEGyyy passivated beads was analyzed by tagging the surface with
FITC labeled streptavidin (SA-FITC). Confocal imaging (Figure 3.3) clearly in-
dicates that streptavidin was uniformly tagging the biotinylated surface showing
uniformity of biotin distribution. Also shown in the figure is the confocal image
for one representative control bead (mPEGsgggo derivatized), which shows minimal
staining by SA-FITC. This confirms that streptavidin was specifically attaching on
to surface biotin groups on the on the biotin-PEGgs40o derivatized, mPEGgggo passi-

vated beads.

3.4.3 Determination of surface density of biotin on modified
silica surface

In order to determine the surface density of biotin on the silica beads, HABA binding

assay was performed. HABA-avidin complex was added to a known amount of

biotinylated silica beads. Biotin, due to its high affinity for avidin displaces HABA

from the complex. This is accompanied by a decrease in the absorption at 500
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nm, which is a spectral signature of the HABA-avidin complex. By monitoring the
decrease in 500 nm absorption and using an extinction coefficient of 34,000 M~tcm ™!
for the HABA-avidin complex, the total number of HABA molecules displaced from
the complex can be calculated. To get accurate estimation of biotin sites on the
bead surface, HABA-avidin concentration was required above saturation level. This
was verified by the experimental observation that the absorption at 500 nm did not
drop to zero, indicating that there was still excess HABA-avidin complex in the
solution.

Figure 3.4 has the UV-Vis absorption spectra for the HABA assay, which shows
decrease in the HABA-avidin complex absorption at 500 nm upon incubation with
biotinylated beads. As a negative control, HABA-avidin complex was incubated
with silica beads that had been passivated with mPEGggy. Control showed no
decrease in the absorption at 500 nm indicating specificity of the biotin-avidin in-
teraction. Based on the absorption difference of 0.01, biotin surface density was
calculated to be 0.0185 molecules/nm?. This corresponds to 1 molecule per 54 nm?.
Assuming that we can tag all the surface biotins with streptavidin molecules, this
translates into a biotin binding capacity of 0.038 ug/mg beads. This number is
comparable to the biotin-FITC binding capacity of commercially available beads of
similar sizes (Polysciences Inc.). Also, assuming streptavidin cross-section to be ap-
proximately 5 nm X 5 nm, biotin functionalization at this level can lead to coverage

of ~ 46% of the bead surface with streptavidin.

3.4.4 Test of nonspecific binding of lipids to the functional-

ized beads at different stages of surface modification
As the final goal was to fabricate lipid bilayers on these modified silica surfaces, it
was imperative to test for the non-specific interactions of lipids with these beads.

To achieve this, a fixed quantity of silica beads at different processing steps were
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incubated with identical concentrations of liposomes containing fluorescently tagged
lipid probes. Figure 3.5 shows the confocal images for different sets. It was apparent
from this study that lipids strongly interact with bare silica as well as APhMS coated
silica beads. Whereas, there was minimal adsorption of lipids to all the remaining
sets. As there was no apparent difference between beads containing biotin-PEGg4gg
with or without mPEGgqq, it appears that biotin-PEGs,o alone was sufficiently
packed to keep the lipids from interacting with the surface. Also, streptavidin
functionalized surfaces showed no lipid staining, indicating that streptavidin was

not acting as a seeding site for the non-specific adsorption of lipids.

3.5 Conclusions

The main conclusions for this chapter are the following:

1. We have successfully coated the silica bead surface with APhMS. Conditions
for APhMS self-assembly on silica beads were optimized in terms of (i) con-

centration, (ii) solvent, (iii) and bead treatment after APhMS exposure.

2. APhMS coated silica beads were functionalized with biotin-PEGs40. Homo-
geneity of biotin distribution was verified by specific labeling with fluorescent
streptavidin (SA-FITC) followed confocal analysis. Biotin density on the sur-
face was estimated by HABA displacement assay and was found to be approx-

imately one biotin-PEGs499 molecule per 54 nm?.

3. Passivating properties of the beads were assessed for lipids at different stages
of the surface modification. Lipid were observed to be highly attracted towards
bare silica surface and APhMS coated surface. Bare silica surface is expected
to be covered by a lipid bilayer when exposed to lipid vesicles, therefore current
result is not a surprise. APhMS coated surface can have a high charge density

due to terminal amine groups, which can lead to favorable interactions with
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polar head groups of the lipids. Biotin-PEGs499 and mPEGyy, passivated
surfaces showed good control over non-specific interactions with lipids. This
indicates that the surface was completely derivatized with biotin-PEGgs49 and
mPEGgggg and there were no spots where bare silica or bare APhMS surface

was exposed.

. Silica surface was successfully derivatized with streptavidin. Streptavidin tag-
ging was verified by the use of fluorescently tagged streptavidin (SA-FITC).
The specificity of streptavidin towards biotin was verified by using a nega-
tive control surface, which was derivatized only with mPEGggg. This surface
showed minimal staining by fluorescent streptavidin as verified by confocal

imaging.
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1. Physisorption 2. Hydrolysis
NH, NH,

3. Lateral polymerization and
grafting to surface

Figure 3.1: Schematic representation of APhMS self-assembly on silica surface show-
ing major changes occurring in the process. First step of self-assembly is the ph-
ysisorption of the surfactant on the thin water layer present of the substrate. This
is followed by the hydrolysis of the methoxy-silanes into silanols. Further curing
of the samples can lead to lateral polymerization and may also result in covalent
linking with the substrate.
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Figure 3.2: Analysis of APhMS distribution on silica bead surface through Texas
Red staining. A) Structure of Texas Red-X Succinimidyl Ester (Texas Red-NHS).
B) Schematic representation of 5 slices of Texas Red labeled bead surface. C) Five
representative slices of bead showing uniformity of Texas Red distribution along the
perimeter of the bead. Each image corresponds to ~ 500 nm thick section of the
bead. D) A reconstruction of the bead made by the Simulated Fluorescence Process
(SFP) algorithm.
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Figure 3.3: Analysis of streptavidin distribution on biotinylated beads. A)
Schematic representation of SA-FITC bound to biotin functionalized bead surface.
B) Optical sections of SA-FITC stained bead surface. C) A reconstruction of the
SA-FITC stained bead made by the Simulated Fluorescence Process (SFP) algo-
rithm. D) Schematic representation of control surface, which is negative in biotin
but is mPEGagg derivatized. E) Confocal images of control surface incubated with
SA-FITC at the equator of the bead. Transmission channel image has been included
to indicate the presence of the bead.
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Figure 3.4: UV-Vis absorption curves for HABA-avidin control reagent, mPEGggo-
passivated beads incubated with HABA-avidin mixture and biotin-PEGs499 func-
tionalized beads incubated with HABA-avidin complex. Spectra were collected af-
ter beads had been centrifuged out of the reaction mixture. Inset figures show two
regions of the spectra, 470 nm—530 nm and 590 nm—650 nm. Inset A shows the
reduction of Abssyy for the biotin-PEGsyoo functionalized bead set. Inset B shows
that at wavelengths considerably far from 500 nm the absorption spectra for the
three sets are close to each other. Notice the change of y-axis scale from inset A to
inset B.
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Figure 3.5: Study of non-specific interaction of fluorescent lipid molecules to sil-
ica surface at different stages of surface modification. Each image shows an over-
lay of green channel (excitation 488 nm, detection 502-614 nm, AOTF 24%, Gain
772) with transmission channel for one particular set. A) Bare silica surface, B)
APhMS coated silica surface, C) biotin-PEGz490 functionalized surface; D) biotin-
PEGs400 functionalized and mPEGyg passivated surface; E) SA linked surfaces
with biotin-PEGs400 but no mPEGsgggo; F) SA linked surfaces with biotin-PEG349o
and mPEGgyo passivating layer. G) Comparison of average fluorescence intensity
per pixel on a per bead basis showing minimal signal for the bead sets which have
been functionalized with biotin-PEGs49. Images A—F have been enhanced for con-
trast after acquisition. Arrows in image C point out towards the lipid aggregates
identified on the bead surface.



Chapter 4

Fabrication of Solid-Supported
Membranes on Silica Beads using
Bacteriorhodopsin Conjugates as
Integrated Anchors

66



67

4.1 Introduction

Supported membranes have gained a lot of importance due to their potential applica-
bility in various areas. These systems serve as a model of biological cell membranes
and hence are a very attractive candidate for the design of biomimetic interfaces.
The fact that the cellular lipid membranes house a variety of transmembrane proteins
makes supported membranes an ideal candidate to be used for ex-vivo reconstitution
of these biomolecules upon isolation from native cellular sources. Potential applica-
tions for such systems range from understanding the functional role of a membrane
protein to building biosensing devices. The fact that the basic building block of a
supported membrane is a phospholipid molecule makes these assemblies a natural
method for the biofunctionalization of surfaces.

Supported membranes are generally fabricated by unrolling lipid vesicles onto
a suitable surface. The Langmuir-Blodgett deposition technique is also used to
transfer a monolayer, or a bilayer, on to a suitable substrate. The supporting surface
could be modified or unmodified silica, quartz, glass, and it can either be planar
or spherical. The characteristics and long-range order of supported membranes are
determined by the underlying support. For example, in the case of a planar glass or
silica surface, the supported bilayer will be continuous and have long-range order.
Whereas, in the case of modified surface — which consists of domains of hydrophilic
and hydrophobic regions — there will be domains of lipid monolayer and lipid bilayer
respectively.

Fabrication of supported membranes on spherical particles has various advan-
tages compared with flat geometry. These include increases in the surface to volume
ratio, and ease of purification and processing, and in general more versatility with
regards to applications. Various groups have shown that lipid membranes spon-

taneously form on spherical silica beads when these are exposed to lipid vesicles.
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Thus, unrolling of lipid vesicles onto a hydrophilic glass or silica surface is a standard
method to fabricate supported membranes on planar surfaces as well as spherical
particles. The Supported membrane is separated from the supporting hydrophilic
surface (planar or spherical) by a thin water layer (10-30 A). Lipid bilayer can
be simply adsorbed onto the surface or tethered through intermediate molecules
ranging from polymers to peptides.

Here we are reporting on fabrication of supported membranes on silica surface
using bacteriorhodopsin (bR) as an anchoring moiety. There are many reasons
that make bR as an appropriate anchoring moiety. First, bR is a highly robust
membrane protein and has the natural affinity for the lipid membrane. Compared
with a relatively widely used tethering molecule, lipid phosphatidylethanolamine
(PE), which only spans half of the lipid membrane, bR spans the entire bilayer.
Moreover it possesses a much larger surface area of interaction with the lipid bilayer
making it a much stronger “molecular rivet” for holding the supported membrane on
the supporting structure. Presence of amino acid Lys on the bR backbone provides
possibility of fluorescence labeling and/or tagging other molecules of interest on the
surface of the molecule external to the lipid bilayer.

To our knowledge, so far, the use of tethers to fabricate supported membranes
has been limited to flat geometries. Sodrosky and coworkers [91] reported the only
related study where lipid bilayers were fabricated on paramagnetic particles by de-
tergent dialysis of biotin-DOPE doped lipid formulations. In their work, paramag-
netic beads were coated with 1D4 monoclonal antibody and streptavidin. Strepta-
vidin allowed for the membrane reconstitution around beads while the 1D4 antibody
allowed for the immobilization of CCR5 heptahelical protein (8-chemokine recep-
tor)in the supported membranes. Our work differs from their work in the sense
that we have used a totally different surface as the substrate. From our experience

with polystyrene and paramagnetic Dynal beads (similar to the ones used in above
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study), we have seen that nonspecific adsorption of the lipids to the surface is a very
crucial issue and it makes it impossible to confirm the formation of supported mem-
branes around such particles. Silica particles that we used have hydrophilic surface
and therefore any non-specific interactions with hydrophobic molecules (lipids, lipid
probes) will be at a minimum level. However, it is very well known that silica surface
can easily be coated by a lipid bilayer separated from the surface by a few layers
of water molecules. We have eliminated this spontaneous formation of bilayers on
bare silica surface by completely passivating it with a layer of polyethyleneglycol
(PEG) of molecular weight 2000. In order to attach tethering molecules to the silica
surface, we have functionalized it with streptavidin. Biotin-PEG3400-bR conjugates
were synthesized and employed as the tethering molecules in present study.

This chapter describes the fabrication of new tether-supported lipid bilayer on
silica particles of 5 pm diameter. Synthesis of bacteriorhodopsin tethers and func-
tionalization of silica beads with streptavidin has been described earlier in chap-
ters two and three respectively (Also see [65]). We attached bacteriorhodopsin
tethers on streptavidin-conjugated beads and subsequently attempted to form fluid
lipid-bilayer assemblies on these structures. We explored various approaches and
found that detergent-based method results in the desired assemblies. Confocal
microscopy was utilized to colocalize Texas Red labeled bacteriorhodopsin and (-
Bodipy 500/510 C12-HPC (green) doped lipid probe in the assemblies. Fluidity of
the lipids in the tether-supported lipid bilayer assemblies was characterized by using

fluorescence recovery after photobleaching (FRAP) measurements.

4.2 Background

4.2.1 Supported lipid membranes on planar surfaces

Researchers have long been interested in studying membrane-membrane interactions

for understanding cellular surface processes. A number of studies utilized liposomes
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as model for biological cell membranes. About two decades back, researchers started
to explore the use of planar supported membranes for such studies. One of the first
reasons for utilizing supported membranes was to have a geometrically well-defined
planar surface. This was motivated from two underlying issues related to studying
cell-cell interactions using lipid vesicles as model for cell membranes. First issue
was the effect of finite radius of curvature (focusing effect) of vesicles and second
issue was the difficulty in observing membrane-membrane contacts using optical
microscopy for both cell-cell interactions and cell-vesicle interactions.

Initial efforts towards the design of planar membranes included the formation
of lipid monolayers on hydrophobic alkylated surfaces using a Langmuir-Blodgett
transfer mechanism [92]. This system was essentially a monolayer of lipid on alky-
lated glass, and was not suitable for incorporation of membrane protein due to
steric issues and the lack of fluidity of the lipids. The shortcomings of this approach
led to the design of supported lipid bilayer membrane system [44]. In this study,
the Langmuir-Blodgett deposition technique was utilized to sequentially transfer
two monolayers of phospholipids (DPPC, DMPC and DOPC) from the air-water
interface to solid substrates viz. glass, quartz and silicon. These constructs not
only were useful from the point of view of studying membrane-membrane interac-
tions but also from the standpoint of studying the lateral diffusion of lipids as well
as other macromolecules associated with the membranes. This was accomplished
using fluorescence recovery after photobleaching (FRAP) and total internal reflec-
tion fluorescence microscopy (TIRF-M) to probe lipid dynamics ([41] and references
therein).

Supported lipid bilayers have since become increasingly important as a model
for cellular membranes. Various other methods have been utilized to construct sup-
ported membranes on suitable surfaces. One of the most widely utilized methods

involves the fusion of lipid vesicles on a suitable hydrophilic glass or silica surface
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to coat it with the lipid bilayer. This method was originally developed [93] to
reconstitute membrane proteins into supported lipid bilayers using vesicles contain-
ing membrane proteins (proteoliposomes). This method was further modified to
spreading the lipid vesicle [41] membrane on a surface already containing one leaflet
of lipids deposited by the Langmuir-Blodgett transfer mechanism. The motivation
was to minimize unwanted interactions of the membrane protein with supporting
surface in the technique involving direct exposure of proteoliposomes to the surface.

Other methods of forming supported lipid bilayers on surfaces essentially modify
the underlying surface to get different patterns. These techniques have been dis-
cussed in details by Cheng et. al. [35]. These methods include making patterned sur-
faces using self-assembled monolayers of two different kinds of functionalities. In one
such study, a supported membrane was constructed on gold surface micropatterned
with micrometer-sized hydroxyl and cholesterol terminated thiol regions (Figure 4.1-
D) [94, 95]. Lithographic techniques have also been used to modify the underlying
supporting surface. Groves et al. used lithographically patterned grids of photore-
sist, aluminum oxide, or gold on oxidized silicon substrates to partition supported
lipid bilayers into micrometer-scale arrays of isolated fluid membrane corrals [40].
In a similar study, Heyse et al. used selective photo-oxidation (by masking) of thiol
derivatized surfaces to create patterned structures of anchoring units on gold sur-
faces [96]. Supported membranes were formed by the self-assembly of the lipids and
rhodopsin from detergent solution onto functionalized gold surfaces.

Although supported membranes are widely used to study various membrane-
associated proteins (peripheral and integral), there has been a serious limitation to
their applicability. Lipid bilayers fabricated on hydrophilic surfaces are separated
from the substrate by an ultra-thin (1-3 nm) layer of water (Figure 4.1-A). This
ultra-thin water layer is sufficient to impart the essential fluidity to the lipids in

both the leaflets of the bilayer. However, it presents issues when membrane proteins
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are incorporated into these structures. Extraneous parts of the membrane proteins
can interact with the supporting surface and get immobilized, thus loosing their
mobility [97, 98, 99]. Lateral mobility plays an important role in the activity of
certain membrane proteins and immobilization of these molecules to the supporting
surface is undesirable. There have been several attempts to address this problem
with a general approach to separate the bilayer from the supporting surface by
a polymer cushion (Figure 4.1-B) [43]. Bilayers formed on such polymer cushions
were not very successful as they were patchy and displayed a lot of defects. ([47] and
references therein, [100, 101, 102].) This strategy of forming supported membranes
was further modified by the use of a tethering molecule at the end of polymer
spacer. In this approach, in general, a part of the polymer tether is integrated into
the lower leaflet of the supported bilayer and other end is covalently linked to the
surface (Figure 4.1-C). So far primarily single lipid [47, 50, 96, 103] or a cholesterol
[39, 104, 105] linked to a hydrophilic polymer or a hydrophilic oligomer molecule
have been used as the part of the tether that gets integrated into the supported
bilayer. Most commonly used polymer spacer is polyethylene glycol (PEG) polymer

or oligomer.

4.2.2 Supported lipid membranes on spherical particles

So far tether-supported membranes have only been fabricated on planar surfaces.
There are only few examples of supported membranes on other kind of geometry,
e.g. spherical beads. The first reported study concerning the formation of bilay-
ers on spherical silica beads was given by Bayerl et. al. [46]. These structures
were formed by spreading sonicated liposomes on ultraclean glass beads of 0.5 pum
and 1.5 pm diameter and characterized by 2H-NMR. Primary motivation behind
the work was to recreate the unilamellar model membrane systems of well-defined

shape (preferably spherical in order to understand the role of membrane curvature)
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and a size range comparable to that of biological cells. Since then, these systems
have become increasingly attractive for experimental studies. Subsequent reports
by various researchers described the studies on the effect of curvature on the phase
transition behavior of a DSPC/DMPC mixed bilayers on spherical glass beads [106]
and comparisons between the physical properties of lipid monolayers and bilayers on
spherical surfaces [107]. These systems have since been studied for various biosep-
aration [108], biosensing [109, 110], high throughput screening [111, 112, 113] and
other biotechnological applications [114]. In order to address the issues related to
the close proximity of the bilayer to the supporting surface, these structures have
been modified with a polymeric cushion, which separates the supported bilayer from
the glass surface [115]. This approach is similar to that proposed by Sackmann [43]
for planar surfaces.

So far, the use of membrane integrated tethers to fabricate supported bilay-
ers has been limited to flat geometries. Sodrosky and coworkers [91] reported the
closest study where lipid bilayer was fabricated on paramagnetic particles by deter-
gent dialysis of biotin-DOPE doped lipid formulations. In their work, paramagnetic
beads were coated with 1D4 antibody and streptavidin. Streptavidin allowed for
the membrane reconstitution around beads through immobilization of biotin-DOPE
while the 1D4 antibody allowed for the immobilization of CCR5 heptahelical protein
in supported membranes. Supported membranes were formed using biotin-DOPE
and CCR5 heptahelical protein as membrane spanning parts of the tether, but no
spacer molecules were utilized to separate the membranes from the bead surface.
Moreover no direct evidence was provided to support the fact that membranes were
actually spaced apart from the surface instead of directly resting on it. This can
be an important issue because in later case the membranes are likely to have sig-
nificant loss of fluidity, and, due to the lack of separation they will not be ideal for

incorporation of any membrane proteins.
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4.2.3 Bacteriorhodopsin as a membrane tether

As mentioned earlier, the use of membrane-spanning molecule to tether the bilay-
ers has been limited to a lipid or cholesterol molecule. Our approach is to utilize
bacteriorhodopsin, a transmembrane protein, as a tethering molecule. Motivation
for our strategy comes from the cytoskeleton structure of the cells, which consists
of an array of protein filaments (Actins and Spectrins) forming a polymeric network
(Figure 4.2-A). This polymeric network is covalently linked to various membrane
proteins, which span the lipid bilayer. Thus, a membrane protein linked cytoskele-
ton is the key structural feature, which provides the cells with their shape, strength
and locomotive abilities. Our strategy is to recreate this membrane protein tethered
polymeric network to support the lipid bilayers formed on spherical particles (Fig-
ure 4.2-B). We have chosen bacteriorhodopsin as the anchoring protein as it is very
well characterized and highly robust membrane protein. Side by side comparison of
bacteriorhodopsin with a representative lipid tether shows that it has an order of
magnitude higher surface area or interaction with the membrane lipids (Figure 2.1).
Hence, it is expected to impart much higher stability to the supported lipid mem-
brane. Furthermore, recent theoretical calculations to predict the insertion energies
of different molecules have shown that bR has more than four fold higher membrane

insertion energy than that of a typical phospholipid [56].

4.3 Experimental

Abbreviations

bR, Bacteriorhodopsin; PEG, Polyethylene Glycol; TR, Texas Red; POPC, L-a-
Phosphatidylcholine; DOPG, 1, 2-Dioleoyl-sn-Glycero-3-[Phospho-rac-(1-glycerol)]
(Sodium Salt); DMPC, dimyristoyl-sn-glycero-3-phosphatidylcholine; DPPC, 1,2-

Dipalmitoyl-sn-Glycero-3-Phosphatidylcholine; DOPC, 1,2-dioleoyl-sn-glycero-3-ph-
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osphatidylcholine; DMPC, 1,2-Dimyristoyl-sn-Glycero-3-Phosphatidylcholine; DSPC,
distearoyl-sn-glycero-3-Phosphatidylcholine; biotin-DOPE, 2-dioleyl-sn-glycero- 3-
phosphoethanolamine-n-(biotinyl); TRITC-DHPE, N-(6-tetramethylrhodaminethi-
ocarbamoyl)-1,2-dihexadecanoyl- sn-glycero-3-phosphoethanolamine, triethylammo-
nium salt; DSPE-PEGyggo-biotin, 1,2-Distearoyl-sn-Glycero- 3-Phosphoethanolamine-
N-[Biotinyl(Polyethylene Glycol)2000] (Ammonium Salt); APhMS, p-Aminophenyl-
trimethoxysilane; SA, Streptavidin. Hepes A buffer, Hepes 20 mM, NaCl 100 mM,
EDTA 1 mM, pH 7.5.

Bacteriorhodopsin was obtained as lyophilized powder of Purple Membrane from
Munich Innovative Biomaterials (MIB) GmbH, Germany. Cy5 Mono SPA Es-
ter dye was obtained from Amersham Biosciences Inc, Piscataway, NJ. POPC
(egg, chicken), DOPG and DSPE-PEGsggo-biotin were purchased from Avanti Polar
Lipids, Inc. Alabaster, AL. Lipid probes 3-BODIPY 500/510 C;o-HPC and TRITC-
DHPE were purchased from Molecular Probes, Eugene, OR. Bio-Beads SM-2 adsor-
bents were obtained from Bio-Rad Laboratories, Hercules, CA. Detergent OG and
Slide-A-Lyzer Dialysis Cassettes, 10 kDa MWCO membranes, 0.5-3 ml capacity

were purchased from Pierce Biotechnology, Inc. Rockford, IL.

Attaching bR-PEGsqo tethers to SA functionalized Silica Surface

Synthesis of bR-PEGgsyg0-biotin tethers has been described in details in chapter
three. For long-term storage, bR tether stock (50 uM, Hepes A, OG 100 mM) was
stored in 200 ul aliquots at —20°C. Functionalization of silica beads with SA has
been described in chapter four in details. Prior to bR tether addition, SA coated
beads were exchanged from Phosphate pH 9.0 buffer to Hepes A buffer by four
spin-rinse cycles. In a typical tethering run 20 pul of tether stock was diluted to 500

ul using Hepes Buffer A (containing 100 mM OG). Diluted tether stock was then
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used to re-suspend 1 mg SA coated beads. Reaction mixture was incubated at room
temperature for 2-3 hours with gentle mixing to re-disperse the beads settled due
to gravity. Excess unbound tethering molecules were separated by multiple washing
with Hepes A containing OG. Surface density of bacteriorhodopsin was estimated by
analyzing the absorption spectrum (Abssgy from Texas Red) of bR-tether displaying
beads. Prior to the analysis, the absorption data was corrected for the scattering

signal due to silica beads.

Formation of lipid vesicles

Lipid constituents (Figure 4.3) were first dissolved in chloroform at 10 mg/ml
total lipid concentration. POPC was the main constituent and was present in all the
lipid formulations used. In some cases DOPG (negative head group) was present in
a molar ratio of 9:1 (POPC:DOPG). Fluorescent lipid 8-BODIPY 500/510 C,,-HPC
was also added to the chloroform solution at a ratio of 1:100 (probe:lipid). The lipid
solution was then subdivided into parts containing 2 mg of total lipid stock and
transferred into 4 ml glass vials. Chloroform solvent was evaporated using vacuum
overnight or by a stream of Ny. Vials containing lipid films were stored under
argon at —20°C until required. To form multilamellar vesicles (MLVs), 2 mg lipid
formulation was hydrated using Hepes buffer A at 2 mg/ml and the suspension was
subjected to 5 freeze-thaw cycles with vortexing in between cycles. Small unilamellar
vesicles (SUVs) were formed by extruding MLVs through polycarbonate membranes
(Avanti Mini-Extruder) or by sonicating the MLV suspension to optical clarity using
tip sonicator (Biologics Inc. Ultrasonic Homogenizer, 150 W model, microtip, 40%

Power, 15 min). Size of the vesicles was verified using Malvern Zetasizer Nano ZS.

Fusion studies on lipid vesicles
In order to study the fusion of vesicles at room temperature samples were incu-

bated at room temperature for 24 hours and particle size was measured before and
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after incubation. Later this solution was incubated in 750 mM sucrose to monitor
the effect of sucrose on vesicle fusion. Effect of PEG on vesicle fusion was studied

on a microscope slide by adding a drop of 60% PEG to vesicles sample.

Formation of non-tethered lipid bilayer on silica beads

As a reference set, supported bilayer was formed on silica particles without any
tethering molecules. This was achieved by incubating silica microspheres (1 mg
beads) with 100 ul of sonicated liposomes solution (2 mg/ml lipid). Liposomes
spontaneously coated the clean silica surface with a lipid bilayer. Excess liposomes
were separated by centrifugation and successive washing with fresh Hepes A bulffer.

These samples were stored at 5°C until required.

Formation of supported membrane using bR-PEGsygg-biotin tethers

As mentioned above, lipid bilayer around silica particles were formed by fusion
of intact lipid vesicles which coat silica surface with lipid bilayer separated by a thin
water layer. In the first pass we tried to fabricate lipid bilayers around bR-PEGgz400-
biotin tethered beads using similar approach. Lipid vesicles of the desired size were
obtained by either sonication or extrusion through polycarbonate membranes as
explained above. 100 ul vesicle solution (2 mg/ml total lipid) was used to resuspend
a 1 mg pellet of bR-tethered beads. Mixture was incubated at room temperature for
1-2 hours with gentle mixing in between to ensure proper dispersion of the beads.
Excess liposomes were separated by centrifugation (1000 X g; 1 min) and beads were
washed with fresh Hepes A buffer in 4-5 spin-rinse cycles.

Fusogenic PEG treatment was performed on the beads as follows: A small quan-
tity of beads (0.5 mg, ~ 50 pul suspension) was made up in fusogenic PEG solution
at 20% (w/v) concentration in the presence of excess sonicated liposomes (50 pl, 1
mg/ml lipid). Beads were recovered by centrifugation and successive rinsing with

Hepes A buffer. Sucrose (750 mM) was also used as a fusogenic agent using the
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protocol similar to the one described for fusogenic PEG

In order to test if the liposomes were immobilized to the beads in intact manner
we encapsulated Cyb dye in the liposomes by incorporating it in the hydration buffer
(10 uM). Liposomes loaded with Cy5 were used for incubation with bR tethered
beads or plain silica beads using the protocol mentioned above.

In the detergent method lipid formulation was solubilized in 1.6% (w/v) Octyl-
Glucoside (OG). 1 mg bR tethered beads were incubated with 300 ul of solubilized
lipids (1 mg/ml total lipid) and the detergent was dialyzed using Pierce Slide-A-
Lyzer Dialysis Cassettes (10 kDa MWCO) in a 4 liter buffer container. Cassettes
were gently shaken every 30 min to redisperse the settled silica beads. Total incu-
bation time was 24 hours. Samples were subsequently washed with fresh Hepes A
buffer three times before any further analysis.

If desired, the samples were subjected to heat treatment for short period of time.
This was done by suspending a small amount of bead sample (5-10 pl) in 500 pl vial
containing Hepes A which was already equilibrated at 50°C. Beads were allowed to
remain at 50°C for a period of 10 min after which the samples were allowed to cool

down to room temperature. Heat-treated beads were recovered by centrifugation.

Confocal microscopy

Confocal microscopy was used to image the formation of fluorescently-tagged
supramolecular structures on the bead surface. Samples were imaged using Leica
TCS SP2 Confocal Microscope System equipped with argon ion and HeNe lasers.
Bodipy lipid was excited using 494 nm line of argon laser and images were taken with
a 63X oil immersion objective with the detection window set between 500-580 nm.
Texas Red was excited using 594 nm line of HeNe laser and images were acquired
using a detection window of 610-700 nm. Pinhole aperture was set at Airy value of

1.0, which was equivalent to = 500 nm vertical slice of the bead.
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Photobleaching studies were done using built-in protocol of Leica SP2 system.
Image plane was set at the equator of the bead and a 512 X 32 pixel format was
used (zoom value 16; scan speed 400 Hz, 488 nm AOTF 2%). This enabled the
fast imaging (0.4 sec/scan) of two equatorially opposite ends of the bead. After 10
pre-scans a region of 1uym X 1um on the bead was subjected to 25X laser intensity
(AOTF 50%) for the duration of one scan. This resulted in bleaching of the selected
region on the sample. Recovery of fluorescence was monitored for 12 sec at normal
laser intensity (AOTF 2%). Data was collected for the normalized fluorescence
intensity of the bleached region throughout and analyzed using Mathematica to

estimate the value of time constant 7p.

4.4 Discussion

4.4.1 Particle size analysis of liposomes

Liposome size distributions were analyzed using Malvern Zetasizer Nano ZS. Son-
icated vesicles were found to have narrow size distribution around 50 nm (Figure
4.4-A). On the contrary, extruded liposomes had a broad size distribution (Figure
4.4-A, 4-B). In this case the results were interesting as only 200 nm-extruded vesi-
cles showed the size distribution centered on 200 nm. Vesicles formed through 50
nm and 100 nm filters showed the peak at a value larger than the respective pore
size (125 nm and 150 nm respectively). This presents an interesting issue to the
applicability of extrusion technique to form vesicles smaller than 100 nm as we have
repeatedly observed this phenomenon. We believe that formation of ultra-small li-
posomes (<100 nm) requires much higher energy input and is therefore achievable
only by using a tip type sonicator. Vesicles formed by extrusion through 1000 nm
pores were centered on 800 nm.

The vesicle fusion (POPC/bodipy) was monitored for a period of 24 hrs by

recording the vesicle sizes. Figure 4.4-C shows the size distribution at two time
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steps indicating no significant difference. This indicates that sonicated POPC/[3-
Bodipy liposomes do not fuse together in the time frame that we are interested in
studying them and hence we need to use fusogenic reagents to drive vesicle fusion
on the bead surface. Addition of sucrose to the above samples led to the shift of the
average size distribution from 50 nm to around 100 nm. Although this result seems
promising, addition of sucrose when the vesicles are immobilized on a surface may

not be able to yield such results due to the limited mobility or other effects.

4.4.2 Estimation of surface density of bR tethers

Absorption spectrum of the beads displaying bR-tethers on the surface was analyzed
for 594 nm absorption peak to get an estimate of the tether density. This analysis
was made complicated by two limitations — presence of scattering due to the silica
beads, and sparse coverage of the beads leading to minimal signal. The later issue
required us to use concentrated suspension, but this led to higher scattering signals
from the silica beads. The surface density of bR was found to be approximately 4 x

2

1073 molecules/nm?, which corresponds to 1 bR molecule per 250 nm? area. This

translates into a surface coverage of &~ 2%. (Cross sectional area of one bR molecule

assuming it has an elliptical cross section as shown in Figure 2.1 = ”'Z'b =314x2

x3 /4 =4.7nm?)

4.4.3 Fabrication of bR-tether supported membranes on SA
modified silica beads

Bacteriorhodopsin tether synthesis and functionalization of silica bead surface with
streptavidin has been described in earlier chapters. The focus of this chapter is
to describe the reconstitution of lipid membranes around functionalized silica sur-
face by using bacteriorhodopsin tethering. There were two possible strategies to

achieve this goal. First strategy was to incubate bacteriorhodopsin tethered silica

beads with intact liposomes. Bacteriorhodopsin due to its inherent hydrophobic
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nature is expected to insert into the lipid bilayer of the vesicle. This would lead to
a distribution of surface immobilized liposomes on the bR-tethered beads. Surface
immobilized liposomes, upon subsequent fusion would lead to the formation of sup-
ported bilayer on the modified silica surface. A number of variables are involved in
this problem (viz. lipid composition, vesicle size, temperature, tether density etc.)
which make the study highly complex in nature.

Second strategy to form supported membranes would be to introduce the lipids
in the system of bR-tethered beads in detergent solubilized form. Removal of the
detergent from the system will drive the lipids to self-assemble, and a fraction of the
lipids will assemble around hydrophobic surface of bacteriorhodopsin as well. This,
under the right set of conditions can lead to formation of a continuous supported bi-
layer around the silica beads; tethered to the surface through the bacteriorhodopsin
tethers. Variables that are involved in the detergent approach, apart from the

above-mentioned variables, are detergent type, method of detergent removal, etc.

4.4.4 Intact liposomes based approach

First pass at making supported membranes was to mix bR-tethered beads with
liposomes obtained by simple vortexing of hydrated lipid formulation (POPC/-
Bodipy). Confocal analysis of this set suggested the presence of individual lipo-
somes immobilized on the bead surface instead of a supported membrane (Figure
4.5). In the next iteration, vesicles formed by sonication were utilized. The ratio-
nale was that sonicated vesicles of ultrasmall size have high surface curvature and
would conceivably be more prone to fusion compared to large vesicles obtained by
simple vortexing. This gave a considerable improvement of homogeneity of green
probe on the bead surface as shown in Figure 4.6. Unfortunately these beads ex-
hibited minimal signs of fluidity of lipids on the surface of the beads (Figure 4.6-C),

indicating the lack of continuity of supported membranes. Fluorescence recovery
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behavior of 24 beads was documented and was found to be qualitatively similar
to the one shown in Figure 4.6-C. Since the distribution of lipid probe as seen in
confocal images (Figure 4.6-A) was fairly homogeneous, this led us to consider the
scenario that bead surface had small fragments of lipid bilayers not interconnected
to form continuous bilayer. In order to verify this, we used two different populations
of lipid vesicles (8-Bodipy doped and TRITC-DHPE doped). This set showed per-
fect co-localization of two probes on the bead surface instead of patches of green and
red. However, no fluidity was observed for either one of the lipid probe. This could
be an indication that the surface immobilized vesicles are not fusing together and
remain in intact form. This cannot be directly observed by confocal microscopy, as
the vesicle size (/= 50 nm) is below the resolution limit of a confocal laser scanning
microscope. This basically means that a single layer of intact liposomes on the bead
surface can show a distribution of green probe around the bead as shown in Figure
4.7. Particle size analysis performed on the sonicated vesicles had also suggested
that these are not prone to fusion (Figure. 4.4-C)

In order to test the presence of intact, non-fusing liposomes on the bead surface,
they were loaded with Cy5 dye. Analysis of the complexes indicated the presence of
Cyb containing liposomes immobilized on the beads (Figure 4.8) but the data was
not very convincing, as the signal detected in the Cy5 window could just be a bleed
through from Texas Red channel. Spectral dye separation analysis indicated the
presence of Cy5 to some degree (Figure 4.8-E). Fluidity analysis on these membranes
also gave negative results (Data not shown). Even though detection of Cy5 is
not absolutely reliable, but there are only few ways to explain the non-fluidity of
supported membranes — first, these indeed are non-fusing vesicles on the surface,
and second, these are patches of lipid membranes not interconnected together to give
continuous structure. It has been shown earlier on planar supports that fusogenic

PEG can promote the fusion of surface immobilized vesicles and lead to formation
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of continuous bilayer [116, 117]. Sucrose can also be used as an agent that promotes
vesicle fusion. Unfortunately, use of both the fusogens on current samples in the
presence of excess vesicles did not show any apparent improvement in the fluidity.
Use of fusogenic PEG lead to immobilization of much larger liposomes on the bead
surface which could be identified with confocal imaging. (Figure 4.9)

So far the use of vesicles of large size (obtained by vortexing, size > few microns)
and ultra-small size (obtained by sonication, size ~ 50 nm) led to non-fluidic mem-
brane on bead surface. Use of vesicles of intermediate size (200 nm and 1000 nm,
made by extrusion) also gave negative results. Instead of using a fusogenic agent,
these sets were subjected to heat treatment in the presence of excess vesicles of re-
spective size (200 nm or 1000 nm). Sample corresponding to 200 nm vesicles showed
significant improvement in the lipid fluorescence signal upon heat treatment, but
did not show any fluidity. Beads incubated with 1000 nm showed no improvement
upon heat treatment indicating that larger liposomes are less prone to fusion upon
heating compared to their smaller counterparts. (Data not shown)

Repeated failure in getting fluidic membranes using intact liposome approach
motivated us to use additional factors, which might aid in the interaction of lipo-
somes with the bR-tethered bead surface. In order to achieve this, commercially
available DSPE-PEGyggo-biotin tether was used in addition to bR-PEGs4gp-biotin
tethers. Lipid formulations were doped with DSPE-PEGygg-biotin molecules (2.8
mole %) and sonicated vesicles were added to bR-tethered beads. Motivation behind
this approach was to utilize any unoccupied streptavidin sites left on the bead sur-
face — after bR-PEGgz499-biotin addition — to drive DSPE-PEGgggo-biotin doped
(2.8 mole %) liposomes to bind more tightly with the bead surface. Unfortunately,
this turned out to be very high doping level of DSPE-PEGgggp-biotin as the lipo-
somes showed much lower affinity for the bR tethered beads as compared with the

set which had liposomes containing no DSPE-PEGygo-biotin molecules added to the
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beads. In another run DSPE-PEGqg-biotin was used instead of bR-PEGs4p0-biotin
tethers to streptavidin-coated beads prior to the liposome addition. These beads
were then incubated with sonicated liposomes (without any DSPE-PEGyggo-biotin)
to immobilize them on the bead surface, driven by the expected tendency of lipid
DSPE to insert into the bilayer of the liposomes. This set also showed much lower
signal for lipid fluorescence on the bead surface, indicating that lipid based tethers
were not able to provide sufficient driving force for the immobilization of the lipo-
somes on the bead surface under these conditions. (Data not shown; low levels of
fluorescence)

Further experiments utilized the negatively charged (POPC/DOPG/5-Bodipy,
molar ratio 9:1:0.01) and DSPE-PEGygg-biotin doped liposomes (0.1% by moles).
Addition of this set of liposomes to streptavidin-functionalized beads also led to
immobilization of intact liposomes on the bead surface, as there was no fluidity in
these structures. Positively charged liposomes (POPC/Sterylamine/ TRITC-DHPE,
9:1:0.01) were added to this system in order to promote vesicle fusion on the bead
surface. Unfortunately, this led to the formation of aggregates on the surface, which
could be identified even by epi-fluorescence microscopy. In another trial we added
streptavidin coated beads in the buffer and used it to hydrate DSPE-PEGgo-biotin
doped lipid formulations. We hoped to get formation of supported lipid bilayers
through anchoring of biotin present in the lipid films to streptavidin molecules on
the bead surface during the process of lipid hydration. Unfortunately, these samples
showed patches of lipid aggregates as well as intact liposomes immobilized on the

bead surface instead of a continuous distribution. (Data not shown)

4.4.5 Detergent based method

Use of intact liposomes based approach repeatedly failed to yield continuous mem-

brane on the bead surface. This led us to explore the detergent approach to assemble
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lipid bilayer around bR tethers on silica surface. In the first pass we used bio-beads
adsorbents to remove detergent from the system. This led to a homogenous, but
non-fluidic lipid probe distribution on the bead surface (data not shown). One of
the potential issues with bio-beads is that the use of stoichiometrically required
amount of these to remove the detergent can lead to significant amount of lipid
losses. This led us to use detergent dialysis approach to remove detergent from the
system. In the first trial, detergent was dialyzed against plain deionized water. This
again led to formation of homogenous but non-fluidic membranes. In the next pass
we dialyzed the detergent against Hepes A buffer. Supported membranes obtained
in this set were not perfectly homogenous but they displayed fluidity. A moderate
heat treatment (50°C for 10 min) of these samples improved the homogeneity of
lipid distribution as well as the fluidity of the membrane. Figure 4.11 shows the
distribution of green lipid probe and Texas Red probe along horizontal sections of a
representative bead fabricated with bR-tethered membrane. A preliminary analysis
was done to get quantitative results for colocalization of the green lipid probe with
Texas Red dye. Colocalization indices of 0.30 and 0.23 were found for green and
red channel respectively. Figure 4.12 shows qualitative results of this analysis. A
detailed analysis (described below) was performed to estimate the diffusion coeffi-
cient of these membranes and to compare it with the membranes formed on plain
silica particles. In order to test the reproducibility of this approach we repeated
the entire procedure with a new batch of streptavidin-coated beads. This batch was

also found to have the essential fluidity in the membranes assembled on the surface.

4.4.6 Analysis of membrane fluidity using FRAP

Fluidity of the supported membranes was studied by performing fluorescence re-
covery after photobleaching (FRAP) measurements. This was accomplished by

bleaching a small region on one side of the bead (See Figure 4.13) and monitor-
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ing the recovery thereafter. A typical recovery curve for the bleached region has
been shown in Figure 4.14. In order to estimate the diffusion coefficient of the flu-
orescent lipid (Bodipy) a simple formulation proposed by Axelrod et. al. [32] was
used. Klonis et al. [37] have reported this in a simple mathematical formulation for

fluorescence recovery with time as:

—K)" 1
n! >(1 +n(l+2))

F(t) = oF, ik( |+ (1-)F, (4.1)

Where
F(t) = Fluorescence intensity of the bleached spot at time t after bleaching
F, = Prebleach intensity

F, = Intensity immediately after bleaching

P —F, (4.2)
a= F,—F, :
K = Parameter related to the degree of bleaching
F, (1—¢e¥)
LA S 4.3
Fe R (4.3)
The 7p parameter is related to the diffusion coefficient as:
2
D= (4.4)
4TD

Where w is e% of the Gaussian radius of the bleached spot

As F(t), F,, F, and F, were known from the raw data (Figure 4.14, compare with
Figure 1.8), parameters K and « could be calculated from the above relationships
(Equations 4.2 and 4.3). These values were used in the above formulation (Equation
4.1) to get a best fit for the experimental data (Figure 4.14) by using different values

of 7p by a trial-and-error method. The best-fit value of 7, was then used to estimate
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D as represented above. As our bleached spot was 1 ym X 1 um, we used a value
of 1 ym as an approximation of w.

Results for the calculations of fluidity measurements have been tabulated for
bR-tethered bilayer (Table 4.1). Results for silica-supported membranes have also
been tabulated as a reference. We can see that the diffusion coefficient for bR-tether
supported membrane is comparable to the value obtained for silica-supported mem-
brane within the standard deviation limits. This indicates that the differences in
the lateral fluidity of the two systems are not statistically significant in our analy-
sis. Estimates of the mobile fractions for the two cases are also comparable to each
other within the standard deviation limits. Also, the fraction of the beads showing
successful FRAP was found to be 0.45 based on a total of approximately 100 beads
that were analyzed. A small percentage of beads (approximately 2%) exhibited the
desired fluidity on one location and no or minimal fluidity on another location. This
indicated that there could be local regions of fluidic membrane coexisting with other

lipid aggregate structures on the surface of a single bead.

4.5 Conclusions

We have demonstrated here the fabrication of new tether-supported lipid bilayer on
silica particles of 5 ym diameter. To the best of our knowledge, this is the first
study on the use of PEG tethered bilayer on spherical particles. Earlier studies on
spherical particles have reported on the use of PEG only as a cushion separating
the supported bilayer from the particle surface [115]. In another study, tethered
bilayer was fabricated on streptavidin and CCR5 coated paramagnetic particles
using self-assembly of biotin-DOPE doped lipid formulations [91]. However, no
spacer molecule was used to separate the bilayer from the supporting surface. Also,
the lateral fluidity of the supported membranes was not characterized. We have

demonstrated in the present study that it is imperative to characterize the lateral
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fluidity in order to establish the formation of a true lipid bilayer.

Our study is the first report on the use of membrane protein based anchors to
tether the lipid bilayer to spherical particles. We have successfully used biotin-
PEG3400-bR molecules as tethering agents, where biotin end was attached to strep-
tavidin functionalized silica beads and bacteriorhodopsin was incorporated in the
tether supported lipid bilayer separated from the surface by PEG spacer.

We have observed that the approach that is generally taken to form supported
bilayer on flat surfaces — exposure of the hydrophilic surface to a solution of lipid
vesicles — does not work in the present case. We used lipid vesicles of various sizes
(50 nm to 1000 nm) on beads displaying bR-PEGs4g0-biotin on their surface. Con-
focal microscopy analysis of the complexes showed homogenous distribution of the
lipid probe in the case of sonicated vesicles (Figure 4.6) and not so homogeneous dis-
tribution in the case of 200 nm (Figure 4.10). Use of larger liposomes (e.g. vortexed
liposomes, Figure 4.5-A) indicated the presence of surface immobilized liposomes.
We believe that even in the case of sonicated vesicles, where the lipid distribution
appears to be homogenous (Figure 4.6), we have surface immobilized liposomes.
This was indicated by apparent zero lateral fluidity of the lipids. In previous studies
involving PEG-lipid tethered bilayer formation on flat surfaces, fusogenic PEG has
been shown to promote the fusion of surface immobilize vesicles [116, 117]. Un-
fortunately, this approach did not lead to formation of continuous bilayer around
spherical particles of the present case. Instead we observed the immobilization of
large clumps on the bead surface, which could possibly be individual lipid vesicles
(~ 1 pum, see Figure 4.9). Even these assemblies did not show any signs of lateral
fluidity of lipids. Use of fusogenic sucrose was unsuccessful as well. In a parallel
study, the use of lipid-based tether (DSPE-PEGygg-biotin) instead of bR-PEGsz400-
biotin tether on the surface of the streptavidin coated beads did not even lead to

sufficient immobilization of vesicles on the surface (data not shown).
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We succeeded in fabricating the tethered membrane with essential fluidity us-
ing the detergent based approach. Silica beads displaying bR on the surface were
mixed with detergent solubilized lipids and the removal of the detergent using dial-
ysis technique resulted in self-assembly of the lipid bilayer around the bR tethered
beads. A moderate heat treatment of these samples resulted in improved fluid-
ity of the membranes. Diffusion coefficient and mobile fraction of the fluorescent
lipid were estimated using FRAP analysis and were comparable to the reference
case of lipid bilayer (non-tethered) supported on silica beads. We believe that the
bR-PEG tether-supported membranes will be more stable compared to the non-
tethered membranes on silica. More work needs to be done in order to establish
optimal conditions for the formation of these structures, and also for the stability
comparison with conventional case of non-tethered membrane. These constructs can
then be used to reconstitute various membrane proteins in the tether-supported lipid
bilayer for enhanced stability and functionality under a wider range of processing

conditions required for applications of interest.
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Table 4.1: Lateral mobility of lipid (8-BODIPY 500/510 Cj5-HPC) in silica-
supported membranes and bR-PEGgzyqo-biotin tethered solid supported membranes.

Type of support Number of data sets Diffusion coeflicient Mobile fraction
(um?/sec) (%)

Silica-supported 20 0.264 4+ 0.039 63.9 £ 6.2

bR-tethered 14 0.330 £+ 0.095 50.2+10.4
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Figure 4.1: Various examples of supported lipid bilayers, A) freely floating on a
support, B) cushioned by a polymer, C) tethered to the support through a polymer,
D) patterned bilayers.
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Figure 4.2: Proposed methodology to stabilize lipid-bilayer membrane and com-
parison with the cytoskeleton structure of the cell. A) Schematic representation of
the bR-tethered supported lipid membrane. B) Cytoskeleton structure of the cell
showing the cytoskeleton network integrated into the bilayer through linkages with
integral membrane proteins (Anion channels).
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94

A -I<>— Son;cated _
== 50nm filter
== 100nm filter_|
—&— 200nm filter

N
o

-
o
I

% Intensity
o>

[é,]

% Intensity
= N N
g O O,

-
o

o

0 200 400 600 800 1000
Diameter (nm)

I I I | | I
= day 1, Sucrose (-)
—= day 2, Sucrose (-)
== day 2, Sucrose (+) -

% Intensity
s & 8
| I
O

w

o

Diameter (nm)

Figure 4.4: Particle size characterization of lipid vesicles. A, B) Liposomes
(POPC/3-Bodipy 1%) formed by sonication or extrusion through polycarbonate
filters of different pore sizes. C) Fusion assay of sonicated liposomes. There was no
significant change in the size distribution upon incubation at room temperature for
24 hours. Sucrose addition (750 mM) shifted the vesicle size distribution and made

it broader.
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Figure 4.5: Confocal images of a bR tethered bead incubated with vortexed lipo-
somes. A) Green channel (excitation 488 nm, detection 500-583 nm, AOTF 5%,
Gain 650) showing immobilized liposomes on the bead surface. B) Red channel
(excitation 594 nm, detection 610-706 nm, AOTF 10%, Gain 737) showing the
distribution of Texas Red labeled bR tethers.
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Figure 4.6: Confocal images of a bR tethered bead incubated with sonicated lipo-
somes. A) Green channel (excitation 488 nm, detection 500-583 nm, AOTF 3%,
Gain 820) showing the distribution of green lipid probe (3-Bodipy) on the bead sur-
face. B) Red channel (excitation 594 nm, detection 610-706 nm, AOTF 5%, Gain
900) showing the distribution of Texas Red labeled bR tethers. C) FRAP data on
green lipid probe for this bead showing no recovery in fluorescence. This clearly
indicates that there was no fluidity in the supported lipid assemblies on the bead
surface.
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Figure 4.7: Confocal images of a bR tethered bead incubated with two different
populations of fluorescently doped vesicles. A) Green channel (excitation 488 nm,
detection 500-535 nm, AOTF 5%, Gain 853) showing the distribution of green lipid
probe ((-Bodipy) on the bead surface. B) TRITC channel (excitation 543 nm,
detection 550-590 nm, AOTF 7%, Gain 868) showing the distribution of TRITC-
DHPE lipid probe. C) Red channel (excitation 594 nm, detection 618-713 nm,
AOTF 10%, Gain 922) showing the distribution of Texas Red labled bR tethers on
the bead surface. This set of beads also did not show any signs of fluidity (Data not
shown).
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Figure 4.8: Confocal images of a bR tethered bead incubated with Cy5 loaded
liposomes. A) Green channel (excitation 488 nm, detection 500-570 nm, AOTF
5%, Gain 678) showing the immobilized liposomes on the bead surface. B) Red
channel (excitation 594 nm, detection 602-630 nm, AOTF 5%, Gain 809) showing
the distribution of Texas Red labeled bR tethers. C) Cy5 channel (excitation 633
nm, detection 658-734 nm, AOTF 5%, Gain 963) indicating the presence of Cyb5.
D) Transmission image showing the bR tethered bead (top, left) and a control bead
(bottom, right) without any bR tethers. E) Spectral analysis of the fluorescent bead
showing a small shoulder peak near 670 nm. This indicates the presence of Cyb.
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Figure 4.9: Distribution of lipids on a bead after treatment with fusogenic PEG (M,
8000, 15%), in the presence of excess sonicated liposomes. Individual clumps on the
bead indicate immobilized liposomes

lum

Figure 4.10: Lipid distribution on bead surface after heat treatment of the beads in
the presence of 200 nm extruded liposome.
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Figure 4.11: Optical sections of a bead containing bR tether supported membrane.
A) Green channel (excitaion 488 nm, detection 500-576 nm, AOTF 3%, Gain 750)
showing the lipid distribution on the bead surface. B) Red channel (excitation 594
nm, detection 610-712 nm, AOTF 20%, Gain 710) showing the distribution of Texas
Red labeled bR tethers. C) Overlay of green and red shows colocalization of two
probes on the bead surface.
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Figure 4.12: Colocalization analysis for $-Bodipy lipid and Texas Red in tether
supported lipid bilayer assemblies on silica bead surface. A) Original overlay image
of green and red channel. B) Intensity scatterplot showing the intensity of red
channel (y-axis) versus green channel (x-axis). Each pixel in image A is characterized
by a pair of intensity values for the two channels, which are plotted along the two
axes in the scatterplot. Points close to the abscissa are shown in red. These represent
the pixels lacking the signal from green probe, indicating the absence of green probe.
Similarly points shown near ordinate are shown in green as they are lacking signal
from red channel. Points along a y = x line represent the pixels where red and green
probes are colocalized. Such pixels are represented in orange color. The region of
interest (ROI) shown with yellow boundary represents such pixels where both red
and green probes can be expected. Colocalization indices listed in the figure are
calculated for this region using the protocol on Leica Confocal program. C) Overlay
image showing the pixels, which are bounded by the ROI.
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Figure 4.13: Snapshots of the equatorially opposite ends of a bead studied for flu-
orescence recovery after photobleaching. Images were acquired in a 512 pizel X 32
pizel format to be able to scan at a fast enough speed to monitor fluorescence re-
covery. A) Prebleach image. B) Immediately after bleach event. Bleached region on
the left side of the bead is shown with a rectangle. C) 2 seconds after bleach event.
D) 12 seconds after bleach event.
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Figure 4.14: Time variation of the normalized fluorescence intensity of the bleached
spot. Experimental data has been shown by discrete points whereas the line is a plot
of the power series fit on the data. Intensity was normalized to the final steady level
at large values of time (t > 15 sec). (Compare the overall variation of fluorescence
in this figure to Figure 1.8)
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5.1 Conclusions

Biological systems are becoming an important source of both inspiration and mo-
tivation for the design and construction of novel materials. Interfacing biological
molecules that exhibit unique functional capabilities, with materials having desired
physical properties can lead to the development of miniature electronic and optical
devices including sensing and probing devices. The current thesis serves as a primer
for a new method that can be used to interface lipid bilayer membranes on micropar-
ticles with integrated anchoring to enhance the stability. Our ultimate goal is to
construct similar assemblies on nanoparticles (e.g. quantum dots) and structures of

arbitrary topology. Major conclusions of this thesis project are summarized below:

1. We have successfully conjugated bacteriorhodopsin with biotin-PEGs,09 and
Texas Red (TR) to synthesize fluorescently labeled TR-bR-PEGg40-biotin
molecules. Characterization of the conjugates revealed predominantly sin-
gle site labeling with biotin-PEGs499 as required for their use as an anchoring
agent. The tether conjugation site was identified using a trypsin digestion
assay and was found to be in agreement with the conclusions of the previous

studies.

2. Surface of the silica beads was successfully biofunctionalized with streptavidin
in order to immobilize the bR tethers . This was achieved in three steps—(i)
self-assembly of APhMS on the bead surface imparting amine functionality
to it; (ii) attachment of biotin-PEG3409 to amine functionalized surface using
NHS based chemistry, and passivation of the remaining surface with PEG of
smaller molecular weight (mPEGagg); and (iii) attachment of streptavidin to
biotin functionalized bead surface. Confocal microscopy was utilized to ana-
lyze the bead surface at different stages of surface modification by employing

fluorescent staining techniques.



105

3. Tether supported lipid bilayer membranes were constructed successfully on
streptavidin functionalized silica particles (5 pum). This is the first study on
the use of membrane protein based anchors to tether lipid bilayer on spherical
particles. We tried different routes to form supported lipid bilayers around the
particles and found that detergent approach led to the desired assemblies. The
fluidity of the supported membranes was analyzed using the FRAP technique.
Furthermore, the mobility of the lipids was found to be comparable to the
case of un-tethered bilayer on plain silica particles, as well as value reported

in literature for the lipid membranes supported on planar surfaces.

5.2 Future Work

Overall objectives of this project are the following: (1) Formation of tether supported
lipid bilayer membranes on spherical particles, (2) characterization of the stability
and comparison with the regular un-tethered structures, (3) incorporation of mem-
brane proteins of interest into the stabilized structures, and (4) immobilization of
these assemblies on a functionalized surface to display an array of microparticles for
sensing applications.

Motivation behind the project is to build stable lipid microenvironment for mem-
brane proteins for the development of novel surfaces for biosensing applications. So
far we have successfully fabricated lipid bilayer assemblies on modified silica mi-
croparticles. We have integrated bacteriorhodopsin-based tethers to anchor the
supported bilayer structures onto the bead surface to impart it with enhanced sta-

bility. Next steps in the light of above discussion will be the following:
e Stability assays
e Incorporation of functional membrane proteins

e Formation of sensor arrays on the functionalized surface
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5.2.1 Stability assays

We adopted the approach of fabricating tether supported lipid membrane from the
point of view of stability enhancement. This is essential as the un-tethered lipid bi-
layer structures can potentially fall apart in various processing and shear conditions
that we might need to expose them in the desired applications. Hence it is impera-
tive to assess the stability of the constructs and compare them with the membranes
without any tether supports.

One of the ways to assess the stability is to subject the assemblies to elevated
temperatures for certain time duration. They can also be subjected to controlled
shear stress in a viscometer or to ultrasonic waves in a micro-tip homogenizer. At
certain level of these conditions (temperature, shear stress, or ultrasonic power) the
lipid assemblies will start to fall apart. The damage to the lipid bilayer can be
assessed using confocal microscopy and comparison can be done with untethered

structures.

5.2.2 Incorporation of functional membrane proteins

As mentioned earlier, the motivation behind construction of tether supported bilayer
assemblies is to build stronger supports for membrane proteins. T'wo of the potential
candidates as prototypical proteins for this purpose are: the photosynthetic reaction
center and G-protein coupled receptors. We have done some preliminary work with
the photosynthetic reaction center, which is briefly described below. This will serve
as an experimental protocol, which can be suitably modified for future trials.
Reaction center is the cardinal element in the photosynthetic pathway. It con-
verts the solar energy into electron transfer reaction, which is further coupled to
ATP synthesis. There were two reasons behind using reaction center as the proto-
type for membrane protein. Presence of the cofactor chlorophyll provides an in-built

mechanism to assess the structural integrity of the protein, and, electron separation
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ability of the reaction center can be studied in-vitro to assess its functional state. In
our experiments, we conjugated reaction center with a fluorescent probe Cy5-NHS
(excitation 549 nm, emission 670 nm) using a protocol similar to the one described
earlier for Texas Red-NHS labeling of bR conjugates. Fluorescently tagged reaction
center was incorporated into lipid bilayer assemblies on 6 pum sized beads. These
beads were precoated by streptavidin and biotin-PEG3490-bR based tethers were
utilized to anchor the lipid membranes on their surface. Bacteriorhodopsin in the
biotin-PEGg400-bR tethers had been conjugated with Texas Red dye as described
in earlier chapter. Detergent-based lipid reconstitution was used to assemble lipid
bilayer on biotin-PEGz499-bR tethered bead surface. Detergent solubilized RC-Cyb
complex was added prior to the detergent removal. Detergent was removed using
bio-beads adsorbents. Figure 5.1 shows confocal micrographs of the resulting struc-
tures. This confirms that reaction center was successfully reconstituted into the
lipid assemblies built around the beads. However, in these preliminary experiments
no mobility measurements were done to test the fluidity of the lipids or proteins in

the resulting structures.

5.2.3 Formation of sensor arrays on the functionalized sur-
face

Once we have the membrane protein in the functional form in stabilized lipid assem-
blies on microparticles, we can pursue the ultimate goal, which is to immobilize these
particles onto a functionalized surface. Such a surface will have a specific display of
functionality in an inert matrix. Microparticles carrying membrane proteins will be
immobilized onto these surfaces on the basis of specific tags that identify the surface
(Figure 5.2). Such a surface can then be developed into a specific recognition or
screening device based on the functionality of the reconstituted membrane protein.

Preliminary work in this regard has been the arraying of intact liposomes (with-
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out any supporting microspheres) of 1 um diameter onto chemically functionalized

microwell surfaces using streptavidin-biotin interactions [118].
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Figure 5.1: Confocal images along the equator of a 6 um sized bead displaying re-
action center containing lipid assemblies. A) Transmission image showing the bead.
B) Red channel (excitation 568 nm, detection 580-615 nm) showing the presence
of bacteriorhodopsin tagged with Texas Red. C) Cy5 channel (excitation 633 nm,
detection 653-783 nm) showing the presence of Cy5 tagged reaction center. Two
dyes are co-localized as evident above. The intensity distribution of two dyes along a
horizontal section (shown by two parallel lines) has been shown to demonstrate the
individual spikes on both ends of the equatorial plane of the bead. Images have been
edited in order to get better representation and contrast when printed on paper.
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Figure 5.2: Immobilization of membrane protein displaying microparticles on a mi-
cropatterned surface for biosensing application. Streptavidin-biotin interaction can
be used to rest the particles on the functionalized surface. Particles will have biotin
display (through biotin-PEG-PE lipid, or biotin-PEG-bR) whereas the surface will
have islands of streptavidin in an inert matrix of PEG-silane.
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